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SUMMARY

Key to the success of natural and engineered tissues becoming clinically available
until needed is their long-term storage at low temperatures. This can be implemented by
means of freezing or vitrification.

In the former process, samples are cooled at a

controlled rate in conjunction with low concentrations of cryoprotectants (CPAs). This
leads to ice formation in the extracellular space and often an amorphous glass
intracellularly. Although safe and commonplace for cell suspensions, this approach is
problematic for tissues due to the deleterious effects of ice to cells and the extracellular
matrix. To this end, vitrification offers an attractive approach for tissue banking by
forming an amorphous glass both intra- and extracellularly avoiding ice formation.
Generally, high concentrations of cryoprotectants (CPAs) are used in conjunction with
high cooling and warming rates to achieve this.

However, hurdles associated with

applying this technique include the ability to adequately deliver and remove CPAs due to
cellular osmotic and cytotoxic effects as well as achieving adequate cooling and warming
rates throughout the tissue to avoid ice formation. The aim of this work was to account
for these factors in designing cryopreservation protocols for native and engineered tissues
that had intrinsically different characteristics, including tissue size and extracellular
matrix properties. The tissues investigated were two types of three-dimensional, cell
encapsulated systems consisting of murine insulinomas and murine embryonic stem cells,
and native articular cartilage.
Each tissue system was compartmentalized into cellular and extracellular
components; each compartment was characterized individually, and then combined to

xv

describe the entire tissue system. Cell membrane permeabilities for murine insulinomas
for water and different CPAs were determined using an electronic particle counter;
chondrocyte values were taken from literature. CPA transport through the extracellular
matrices of 2 mm alginate hydrogel microbeads and 8 mm diameter x 5-10 mm thickness
articular cartilage disks were measured using magnetic resonance spectroscopy and
imaging. While NMR was used as an offline assay tool to measure CPA concentrations
through the alginate beads, CPA transport through articular cartilage was measured using
a novel approach of localized magnetic resonance spectroscopy. Alginate beads were
found to have fast CPA equilibration times, on the order of 10 minutes at a given CPA
concentration, whereas articular cartilage took on the order of 4-5 hours.

The CPA

transport parameters from the two compartments were coupled in a mathematical model
to determine cell volume excursions and intracellular CPA concentrations to changing
bulk solution CPA conditions for a 3-D geometry.

To apply this method to high

concentrations of CPAs used in vitrification, the model incorporated stepwise addition
and removal and CPA osmotic non-idealities as a function of concentration.
Simulations of multi-step addition and removal of vitrification-relevant CPA
concentrations taking into account cells at different positions within the tissue, suggested
a total time of 15 minutes for alginate-encapsulated cells and 2 hours for articular
cartilage of clinically-relevant thickness (5 mm diameter x 3 mm thickness). To validate
the approach, optimized vs. intentionally sub-optimal protocols were compared for a
bioartificial pancreatic substitute based on alginate-encapsulated murine insulinoma cells
using two different vitrification solutions.

In addition to assessing viability though

metabolic function of the cells post-thaw, the mechanical strength of the alginate matrix

xvi

was evaluated by determining Young’s modulus using compression mechanical testing.
Vitrification of the beads resulted in higher cellular viability compared to a
conventionally frozen control. Young’s moduli measurements indicated similar values
for vitrified and conventionally frozen groups compared to fresh controls.
Studies with a second cell-encapsulated system consisting of encapsulated murine
embryonic stem cells were also performed. In these, cryopreservation conditions were
not systematically optimized, only protocols deemed appropriate on the basis of
experimentation with other similar systems were used.

Although slow freezing is

routinely used to store murine embryonic stem cell suspensions, a similar protocol used
on the encapsulated cells resulted in extensive cell death and structural damage of the
beads. Although viable cell number in frozen-thawed beads returned to fresh control
levels after three days and gene expression levels of pluripotency and germ layer markers
after embryoid body formation were present in frozen-thawed groups, the structural
damage incurred by the beads was deemed not acceptable. A two-step freezing protocol
had better results with higher cell viabilities and retention of bead structural integrity
post-thaw. However, further studies are needed to analyze gene expression levels when
this protocol is employed.
In conclusion, this thesis has established a systematic methodology to design
cryopreservation protocols using experimental measurements and a mathematical model
for tissues.

Future studies could include expanding upon the developed model to

incorporate heat transfer in the tissue during cooling/warming and looking at apoptotic
cell death due to cryopreservation and employing strategies to minimize them. Though
there is still much to be done to develop successful cryopreservation protocols for

xvii

engineered and natural tissues, this thesis provides a quantitative framework towards
addressing long-term storage strategies.
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CHAPTER 1

INTRODUCTION
Long-term storage of natural and engineered tissues is essential for off-the-shelf
availability, quality and sterility control, storage and distribution. Cryopreservation, or
storage of biologics at cryogenic temperatures, offers a promising approach. Two main
methods used in the field of cryopreservation are conventional freezing and vitrification.
Conventional freezing generally involves cooling at a prescribed rate (such as with a
controlled rate freezer) in the presence of low concentration cryoprotectants (CPAs)
down to -80oC, followed by plunging into liquid nitrogen. In this way, ice forms in the
extracellular milieu and either ice crystallizes or a glass forms intracellularly depending
on the applied cooling rate and intracellular solute and water composition. Vitrification
refers to the amorphous, glass-like solidification of the entire system in the presence of
high CPA concentrations, with no ice formation upon cooling and/or warming.

In

contrast to conventional freezing, vitrification promotes glass formation both intra- and
extracellularly.
Cell suspensions are routinely cryopreserved by conventional freezing with postthaw viabilities greater than 90% [3]. However, conventional freezing has shown little or
limited success with tissues or organs. This is, in part, due to the damaging effects of ice
to cells and the extracellular environment [4-6]. Alternatively, ice-free cryopreservation
would alleviate this limitation and could be used to potentially preserve biological
materials with sensitive cells and complex matrix properties. One current challenge,
however, in applying this approach is the use of high CPA concentrations necessary to
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avoid ice formation. Associated critical issues with this are cellular osmotic and/or
chemical toxicity. Though excessive osmotic excursions can be irreversibly damaging
[7], this is mitigated by maintaining the cells within their osmotic excursion tolerances by
stepwise CPA delivery and removal. CPA cytotoxicity can be reduced by minimizing
exposure times and operating at lower temperatures. Extending these considerations
from cell suspensions to tissues involves increased length scales and presence of an
extracellular matrix effect on CPA transport times.

Due to the intrinsic differences

among tissues, including tissue size, extracellular matrix composition and cell type,
cryopreservation protocols would need to be customized.
In this thesis three tissues were investigated, two with high matrix permeabilities
and one with low matrix permeability. It was hypothesized that most other commonly
cryopreserved tissues would lie within the parameters important to these contrasting
tissue systems. The first studied tissue system stems from our lab’s interest in cell-based
therapies for Type I diabetes.

It was a model tissue engineered pancreatic substitute

based on insulin-secreting (murine insulinoma cell line) cells sequestered in an alginatebased biomaterial. This microbead construct has been extensively characterized in vitro
and in vivo by our lab as well as other investigators [8-15]; it is composed of 2% calcium
alginate and beads are approximately 500-650 μm in diameter. Based on these small
length scales and highly aqueous environment, small molecular weight (MW) solutes
diffuse and equilibrate quickly throughout the tissue [15, 16]. The second tissue system
investigated, closely related to the pancreatic substitute in construct design, was alginateencapsulated embryonic stem cells (ESCs). This system would be suitable for ESC
expansion, embryoid body (EB) formation and tissue-specific terminal differentiation, as
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well as allow automation and optimization as a bioprocess [17, 18]. The encapsulation
material consisted of 1.1% calcium alginate and beads were approximately 2 mm in
diameter. The third tissue system studied was articular cartilage.

Successful

cryopreservation of articular cartilage would, at least partially, alleviate limited
availability of fresh allograft tissue needed for effective treatment of focal articular
defects [19-22]. Moreover, long-term storage of cartilage grafts would be beneficial to
avoid extracellular matrix degradation and loss of chondrocyte viability while necessary
lab tests are conducted for contamination. Cryopreservation of articular cartilage is
currently limited to chondrocyte suspensions and thin cartilage slices [5, 23-25]. The
extracellular matrix of articular cartilage has a much lower permeability to small MW
solutes than the alginate microbead systems [26], making CPA equilibration at large
length scales slow, and challenging to cryopreserve at clinically-relevant length scales (5
mm diameter, 2-3 mm in thickness).
The overall objective of this thesis was to explore and generate a quantitative
framework for the rational design of cryopreservation protocols, and to identify key
design features that enable the cryopreservation of i) three-dimensional, cell encapsulated
systems, and ii) articular cartilage. Taking a hierarchical approach, each tissue system
was compartmentalized into cellular and extracellular components; each compartment
was characterized individually, and then combined to describe the entire tissue system.
These studies were accomplished by conducting the following aims: 1) determine cell
membrane permeabilities, osmotic tolerance limits and cryoprotectant toxicity; and
experimentally assess the effects of cryopreservation within this domain of conditions on
cell viability and function; 2) determine heat and cryoprotectant transport properties
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through the extracellular milieu of 3-D engineered (hydrogel-based encapsulated cells)
and natural (articular cartilage) tissues; then combine the information obtained at the cell
and matrix level to create a cryopreservation model for the entire tissue system; 3)
implement the developed cryopreservation protocols on the system of encapsulated
insulin-secreting cells and characterize their effects at both the cell and biomaterial
levels.
This thesis is separated into five distinct studies presented in CHAPTERS 3-7,
grouped based on the tissue investigated and not necessarily in the order in which they
were performed. Most of these chapters represent a modified version of a manuscript
either already published (CHAPTERS 3 and 4), in preparation for submission
(CHAPTER 5), or under review for publication (CHAPTER 7). Additional background
material, discussing topics described earlier in greater detail, is presented in CHAPTER
2.

Conclusions and recommended future work are described in CHAPTER 8 and

preliminary studies and results are presented in the APPENDIX.
Initially, in proof of concept studies, baseline vitrification protocols were applied
to encapsulated insulinoma cells and their results are presented in CHAPTER 3. To
optimize vitrification protocols, a systematic procedure was then developed. Membrane
permeabilities to CPAs and water were measured (CHAPTER 4) and these were
combined with CPA effective diffusivities through the matrix measured by off-line
assays (CHAPTER 5) in a 3-D model of encapsulated insulin-secreting cells (CHAPTER
5). To validate the approach, optimized vs. intentionally sub-optimal protocols were
compared (CHAPTER 5).

Experiments with the second construct of encapsulated

embryonic stem cells (CHAPTER 6) were, by necessity, few, due to the limited
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availability of cells and cryopreservation-related equipment available at Imperial College
London, where these studies were peformed. In these, cryopreservation conditions were
not systematically optimized, only protocols deemed appropriate on the basis of
experimentation with other similar systems were used. With cartilage cryopreservation,
the third tissue investigated, a key issue is the lower CPA diffusivity through the matrix.
So, in experiments with cartilage, emphasis was placed on developing magnetic
resonance (MR) imaging and localized spectroscopy techniques for measuring the
diffusivities of single and multiple high concentration CPAs in the tissue (CHAPTER 7).
With cartilage, too, proposed CPA addition-removal protocols were developed by
constructing and analyzing a mathematical model of CPA diffusion through the matrix
and CPA and water transport through the chondrocyte membranes.
Overall, this thesis provides a systematic, rational design framework for
cryopreserving three-dimensional tissues based on experimentally measured parameters.
With most current cryopreservation protocols being empirically based, the approach
developed in this thesis narrows the domain of conditions within which to explore
cryopreservation conditions for the successful long-term storage of tissues.
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CHAPTER 2
BACKGROUND
2.1 Cryopreservation
The need for long-term storage is a critical issue for the preservation of natural
tissues, organs as well as tissue engineered products. Cryopreservation may offer a
solution by preservation at cryogenic temperatures.

Conventional approaches to

cryopreservation have provided success to preserving cell suspensions and thin tissues
[27]; however, such procedures can not necessarily be extended to preserve larger tissues,
organs and engineered tissue due principally to the deleterious effect of extracellular ice
formation that would disrupt and damage the tissues’ highly extensive and organized
structure.

It is essential that function as well as structure be retained post-

cryopreservation.
2.1.1 Basic steps and operating parameters
The cryopreservation of cells and tissues includes several critical steps: a)
cryoprotectant (CPA) addition at a suprazero temperature; b) cooling at a prescribed rate
down to a subzero temperature; c) storage below the glass transition temperature (Tg) of
the system; d) thawing; e) CPA removal at a suprazero temperature followed by cell
culturing. The manipulated parameters include cooling and thawing rates, CPA
composition (components and concentrations), and temperature of CPA addition and
removal.
2.1.1.1 Cooling and Warming
The cooling rate is a critical parameter in the overall outcome of cell survival.
For each cell type there exits an optimal cooling rate to ensure maximum survival.
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During slow cooling, as the extracellular environment crystallizes, a chemical potential
imbalance between the intra- and extracellular spaces drives water out of the cells and
results in cell dehydration. This leads to intracellular solute concentration build up which
can become toxic known as ‘solution effects’. If, on the other hand, the cooling rate is
too fast, there is no time for intracellular water efflux after the extracellular environment
has formed ice and this results in damaging intracellular ice formation (IIF) [28].
Warming is also important to ensure proper post-thaw survival.

Generally the

warming rate implemented is dependent on the cooling rate used. The most common
way for warming is exposure to room temperature or a 37oC water bath to achieve fast
warming allowing cells to spend less time in cytotoxic CPA concentrations and
minimizing time for recrystallization.

With both cooling and warming, heat transport

issues are critical, especially in tissues characterized by large length scales, to achieve
homogenous and uniform rates.
2.1.1.2 Cryoprotectants
In 1949 Polge et al discovered that the use of certain solutes (e.g., glycerol) allowed
mammalian cells to be successfully frozen and thawed [29]. Since then other solutes
have also been found to protect cells during cooling.

Generally, cryoprotective

chemicals, low in molecular weight, can be divided into two categories: a) permeating
CPAs such as dimethyl sulfoxide (DMSO), 1,2 propanediol (PG), 1,2 ethylene glycol
(EG) and 1,4 butanediol (BD), which can pass through the cell membrane; and b) nonpermeating CPAs such as sugars (sucrose, mannitol) and hydroxyethyl starch that can not
go through the cell membrane.
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CPAs generally serve a protective role in cryopreservation by lowering potentially
lethal concentrations of intracellular electrolytes.

However, high concentrations of

CPAs, used in vitrification, can be toxic to cells. This is a function of exposure and
removal times of the CPAs as well as temperature. Toxicity can be reduced by lowering
the temperature, reducing the CPA loading and unloading times, or using CPA cocktails
[30]. In addition to cytotoxic considerations, osmotically induced changes in cell volume
due to CPA addition and removal can also cause damage to cells if in excess. This issue
will be discussed in more detail in the Mathematical Modeling section. Therefore, it is
important to account for toxic and osmotic effects of CPAs on cells when designing
cryopreservation protocols.
2.1.1.3 Conventional freezing and vitrification
Conventional

freezing

and

vitrification

cryopreservation of biological materials.

are

two

main

approaches

to

In the former process, as the system is

controlled rate cooled (typically 0.1 – 1oC/min) in the presence of low concentration
CPAs (1-2 M), extracellular ice forms first (the intracellular compartment is
supercooled). As a result of this created osmotic imbalance, the intracellular solute
concentrations in the unfrozen phase build up to a point that it can vitrify, or form an
amorphous liquid (glass).

A glassy state can be achieved intracellulary while the

extracellular space is still comprised of ice [31]. This is schematically depicted in Figure
2.1A which shows that as the solute is cooled from step 1, the temperature-solute
concentration profile follows the liquidus curve, step 2, and finally the solution
concentration builds up sufficiently as it is cooled quickly to form a glass (step 3). The
vitrification process is characterized by the formation of a glassy state
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Figure 2.1 A. Temperature-solute concentration profile during conventional
freezing; B. Temperature-solute concentration profile during vitrification

throughout the system, both intra- and extracellularly in attempts to avoid ice
crystallization throughout.

This is achieved by using high cooling rate in conjunction

with high concentrations of CPAs (typically greater than 45 % w/w) as qualitatively
indicated in Figure 2.1B [32-34]. As it is cooled below the glass transition temperature
(Tg), high concentration CPAs become sufficiently viscous (greater than 1015 poise) to
suppress ice crystallization and form an amorphous liquid glass where translational and
rotational molecular motions essentially cease (at relevant time scales) [35]. The glass
transition is associated with abrupt physical changes such as heat capacity, mechanical
properties and reflective index. As discussed above, the warming rate is equally as
important as the cooling rate.

Adequate warming rates are necessary to avoid ice

formation during warming that may arise from devitrification and recrystallization. Ice
formed during thawing is just as deleterious as if formed during cooling. Devitrification
refers to the process of crystallization upon warming of a glass (i.e., transition from
glassy to crystalline state). This is different from recrystallization which refers to the
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growth of smaller ice crystals (initially created during glass formation) upon warming
[36].
2.1.2 Critical cryopreservation issues with cell suspensions, tissues and organs
Although cryopreservation has proven effective in shipping and storing isolated
cells, multicellular systems still remain challenging. Over the years, cryobiologists have
investigated the mechanisms of cryoinjury to cells during freezing and thawing and have
developed methods to preserve numerous cell-types at very high recovery rates [3]. The
methods center on preventing intracellular ice formation as well as minimizing changes
in the remaining liquid phase that is not frozen. Maintaining high cell viability through
freezing and thawing in cryopreservation protocols require the use of cryoprotective
agents that are generally applied to cell suspensions or small cell aggregates in simple
tissues. However, extending such protocols to more complex tissues and organs having
definite structure has proven problematic, primarily due to the harmful formation of ice in
multicellular structures [4, 5, 37, 38]. Tissue engineered constructs would be associated
with similar problems. The presence of extracellular ice, though generally not harmful
for cell suspensions, poses a major hazard for multicellular tissues. There has been
evidence to suggest the damaging role of ice in tissue cryopreservation [4, 6]. Limiting
the amount and size of ice formation during cryopreservation would avoid the inherent
problems of extracellular ice formation from freezing. Based on this, many cryobiologists
believe that the only way to successfully preserve complex tissues and organs is through
ice-free cryopreservation approaches such as vitrification. Indeed previous studies have
demonstrated improved preservation using vitrification over conventional freezing
methods. This includes venous allografts, articular cartilage, heart valves, embryos and
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islets [31, 37, 39-41]. Preliminary work in our lab with tissue engineered pancreatic
substitutes has also supported this [42, 43].
Due to larger length scales in tissues and especially organs, heat and mass
transport become limiting for successful cryopreservation. Issues in heat transfer include
non-uniform cooling which can cause crystallization, and non-homogenous warming
which can cause devitrification and recrystallization. Cooling problems contribute to
stresses that may cause fractures [44-46] which provide nucleating sites for
devitrification upon warming [47]. In order to address warming issues, electromagnetic
techniques such as microwave warming have been used to achieve faster warming rates
[48]. However, this approach suffers from non-uniformity as well as thermal runaway
causing heat-denaturation of tissue. Mass transfer limitations for tissues and organs
include long exposure times necessary to achieve adequate CPA equilibration for 3-D
tissues with low CPA diffusivites, such as in articular cartilage [26]. Although diffusion
and perfusion-based CPA delivery have been implemented, CPA cytotoxicity after a
prolonged time remains a critical issue.
Another key issue with tissues and organs is cell population heterogeneity. Most
tissues and organs contain multiple cell types with each cell type having its own optimal
cooling rates and individual biophysical characteristics [3].

Due to this mixed cell

population, preservation by conventional freezing would be challenging. The use of high
concentrations of CPAs for ice-free preservation, on the other hand, would not suffer
from these limitations as adequate CPA equilibration of the system would be sufficient
for vitrification conditions. Though CPA delivery and removal times would need to be

11

carefully considered and designed, a conservative approach could still ensure maximal
delivery with minimal cytotoxicity.
2.1.3 Mathematical modeling
At equilibrium, the chemical potential of the intracellular solution is equal to that
of the extracellular solution. Due to the fact that the cell membrane is semi-permeable,
water will move in or out of the cell in response to changes in the extracellular solution
concentrations.

During freezing, the extracellular solution becomes increasingly

concentrated as the unfrozen water fraction diminishes. Water therefore leaves the cell
until the chemical gradient is negated and osmotic equilibrium is reestablished. The
equilibrium cell volume is a function of the extracellular solute concentration, expressed
by the Boyle-van’t Hoff equation [7]:

V = π eo (Vo − b)

1

πe

+b ,

(1)

where π e is the extracellular osmolality of the solution <osmolal>, b is the osmotically
inactive cell volume <µm3> and Vo and π eo are the isotonic cell volume <µm3> and
isotonic extracellular osmolality <osmolal>, respectively.

Generally expressed as a

Boyle-van’t Hoff (BVH) plot, the relative cell volume, V/Vo, is expressed as a function
of inverse osmolality. Extrapolation of this line to infinite osmolality (zero on the
abscissa) has been used to estimate the osmotically inactive cell volume [49, 50]. When
cells are exposed to an increased concentration of an effectively impermeant solute the
cell will shrink to a volume defined by the BVH plot.
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The rate of movement of water across the cell membrane is limited by the
permeability properties of the membrane, namely water permeability, Lp , and solute
permeability, Ps. The rate of change of the cell volume is dependent on the osmotic
gradient across the membrane as well as the permeability of the membrane. When a cell
is exposed to a hypertonic solution of a permeating solute, there is an initial abrupt
shrinkage caused by water efflux determined by Lp, followed by a slower return to
normal volume as the solute permeates at a rate determined by Ps (generally referred to as
shrink/swell behavior) [7].

The fluxes of water and of the ith solute through the cell

membrane are described by the following equations [51].

dV w
= − L p ART ( M e − M i )
dt

(2)

dN i
= Psi A( M ie − M ii )
dt

(3)

In the above equations, Vw (µm3) is the volume of water inside the cell; Lp (μm/sec•atm)
is the water permeability; A (µm2) is the surface area of the cell; R ((µm3•atm)/(mol•K))
is the universal gas constant; T (K) is the absolute temperature; Me and Mi (osmoles/μm3)
are the total external and internal osmotic concentrations, respectively; Mie and Mii
(osmoles/μm3) are the external and internal osmotic concentrations, respectively of the ith
solute; Ni (osmoles) is the intracellular amount of the ith solute; and Psi (μm/s) is the ith
solute permeability.
When a cell is exposed to a CPA solution, initially water will leave the cell,
(generally water efflux is higher than CPA influx) causing the cell to shrink (Figure 2.2).
Though the cell volume will return to its isotonic state as the CPA solution permeates the
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cell membrane and reaches equilibrium, excessive volume excursions can be harmful to
the cells [52]. To address this issue, CPAs at high concentrations are usually loaded and
removed in a stepwise fashion to reduce sharp fluctuations in cell volume.

Additionally

in stepwise dilution, sucrose, an impermeant solute, is often added to the extracellular
solution to counteract the water influx that occurs during removal of permeant solutes
from the extracellular solution [53, 54].

Examples of CPA addition and removal

protocols for vitrification are listed in Table 2.1.
Normalized Cell Volume, V/Vo
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Figure 2.2 Shrink-swell behavior of βTC-tet cells in response to the
abrupt addition of 10% dimethyl sulfoxide solution at t=0 at 22°C
measured by an electronic particle counter (experimental). The solid line
is a model fit of the data to determine membrane permeabilites [1]
Table 2.1: Examples of CPA Addition-Removal Protocols for Vitrification
Full Strength
CPA

Addition Steps

Removal Steps

7.2 M
Ethylene
Glycol (EG)
+ 0.6 M
Sucrose

1) 1.775 M EG
for 40 s
2) 3.55 M EG
for 30 s
3) Full strength
for 1 min

4) 0.4 M sucrose
for 2-3 mins
5) 0.25 M sucrose
for 2-3 mins
6) 0.125 M sucrose
for 3-6 mins

5.5 M EG + 1
M sucrose

1) 1.5 M EG for
2.5 mins
2) Full strength
for 20 sec

3) 1 M sucrose for
2.5 mins
4) 0.50 M sucrose
for 2.5 mins
5) 0.25 M sucrose
for 2.5 mins
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Carrier
Solution
10 mg/mL
human
serum
albumin
(HAS) in
removal
solutions
DPBS +
10% FBS

Cell
type

Reference

Human
oocytes

[55]

Human
oocytes

[56]

Table 2.1 (continued)

15% EG +
(15% DMSO
or 15% PD) +
0.5 M sucrose
2.26 M
DMSO +
2.84 M EG +
0.65 M
sucrose +
Ficoll

1) 1.33 M
EG + (1.06 M
DMSO or 1.03
M PD) for 5
mins
2)Full strength
for 1 min
1) 1.13 M
DMSO + 1.42
M EG for 1.0
min
2) full strength
for 20 sec

6) 0.125 M
sucrose for 2.5
mins
7) 0.0 M sucrose
for 2.5 mins
3) 1.0 M sucrose
for 1 min
4) 0.5 M sucrose
for 3 mins
5) 0.0 M sucrose
for 5mins

3) 0.25 M sucrose
for 1 min
4) 0.15 M sucrose
for 2 mins
6) 0.0 M sucrose
for 5 mins

DPBS + 1
mg/mL
glucose +
0.11 mg/mL
sodium
pyruvate +
20% FBS

Bovine
oocytes

[57]

G-MOPS +
12 mg/mL
HAS

Mouse
oocytes

[58]

2.1.4. Cell death due to cryopreservation
Much of the early improvements and optimization in the field of cryopreservation
have centered on biophysical parameters, as described previously, such as cryoprotectant
composition (type and concentration), cooling/warming rates, intra- and extracellular ice
formation, osmotic excursions and membrane water and solute transport. However, postthaw survival varies among protocols and cell types used, often ranging from 10-90%
[59, 60]. Although post-thaw survival is often evaluated within hours of thawing, some
studies have found concomitant cell death much later [61, 62]. Cell death as a result of
cryopreservation generally falls into three groups: ice-related rupture, necrosis and
apoptosis.
The first type of damage can be described by a mechanical or physical (e.g. osmotic
imbalance) cell rupture where the nucleation and propagation of intra- and/or
extracellular ice causes damage to intracellular organelles and cell plasma membrane.
Ice-related cell damage has been studied extensively [7, 28, 63, 64] and efforts to prevent
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or minimize it (such as vitrification) have been explored [34]. Necrosis, a common form
of cell death following stress, is characterized by a rapid, energy-independent process in
which the cell responds to insult by swelling, random DNA fragmentation by
endonucleases, compromised cell membrane integrity, and finally cell lysis in which the
contents of the cell are released. Because of this, an immunological response usually
follows in an in vivo setting. The last form of death as a result of cryopreservation is
gene-regulated cell death, or apoptosis.
Apoptosis, or programmed cell death, is ordered, energy-dependent, and has distinct
morphological hallmarks including cell shrinkage, chromatin condensation, non-random
DNA fragmentation, compartmentalization of intracellular components, intact cell
membrane (until the end of apoptosis) and cellular fragmentation [65]. This cascade of
events consists of the initiation, execution and termination phase and is induced by
factors including UV radiation, nutrient stress, growth factor deprivation, ischemia and
cryopreservation [2, 62]. Initiator pathways can be divided into nuclear, membrane and
mitochondrial-mediated.
Stress-inducing agents can directly affect the nucleus to initiate apoptosis thereby
damaging DNA. Damaged DNA is either repaired by the cell or leads to apoptotic cell
death. A transcription factor, p53, regulates DNA repair by signaling the cell to go into
cell cycle arrest (Go phase) while the DNA is being repaired. DNA damage results in an
upregulation of p53, inducing transcription of pro-apoptotic genes such as Bax and by
activating endonucleases to cleave damaged DNA.
Another route of apoptosis initiation is via membrane-mediated cell surface
receptors which signal specific transduction pathways for cell death (Figure 2.2). The
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protein receptors belong to the Tumor Necrosis Factor (TNF) superfamily and include
Fas and TRAIL [66]. Apoptosis is initiated through ligand binding to the receptor or by
self-dimerization of the receptor. In the case of the Fas receptor, Fas ligand (FasL) binds
to the receptor or the Fas receptor self-dimerizes; in either case, this causes recruitment of
FADD (Fas-associated death domain protein) adaptor protein which promotes binding of
pro-caspase-8 or -10. Binding of this complex causes autocatalysis and activation of
these pro-caspases into their active form, caspase-8 and -10, which then activate caspase 3 and -7, signaling the execution phase of apoptosis.
Mitochondria are susceptible to stresses that can initiate an apoptotic cascade after
cryopreservation-induced insult causing a change in mitochondrial permeability transition
pore activity. Regulated and prevented by the Bcl-2 family of proteins, antagonists
include Bax, Bad that heterodimerize with Bcl-2 to inhibit its action. This leads to the
release of cytochrome c into the cytosol which heterodimerizes with cytosolic APAF-1 to
activate caspase-9 via proteolytic activation of pro-caspase 9. Caspase-9 activation leads
to caspase-3 and -7 catalysis, which then activate endonucleases that cleave DNA and
results in cell death [67].
Recently, a molecular basis of cryopreservation-induced delayed onset cell death
(CIDOCD) has been implicated in contributing to cell death mainly via apoptosis [61,
68]. Despite using similar cryopreservation protocols, Baust et al measured lower cell
viabilites 24 hours post-thaw compared to other reports that assessed survival 1-6 hours
later for cell types including MDCK, human fibroblasts and human renal cells [69]. The
authors attribute this discrepancy in reported values to CIDOCD and suggest evaluating
viability 24 hours post-thaw to allow the
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Figure 2.3 A. Mitochondrial-mediated apoptosis pathway. B. Membranemediated cell surface receptor-initiated apoptosis pathway [2]
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system to reach “survival equilibrium” following the peak of CIDOCD and prior to cell
proliferation [61, 62]. Initiation of apoptosis post-cryopreservation has been shown for
membrane-mediated Fas-receptor initiation through caspase-8 activation for human
fibroblasts [70] and activation of caspase-9 for spermatozoa [67]. Executioner caspases,
such as caspsase-3,

are activated post-thaw and their inhibition can reduce

cryopreservation associated cell death [71-75].

Yagi et al demonstrated that

mitochondrial injury, measured by mitochondrial membrane potential, is reduced by
caspase inhibition for primary porcine hepatocytes [74]. In addition to using caspase
inhibitors, Sarkar et al used cytokine combination treatment (IL-2, IL-4, IL-7) to rescue
CD4+ T-cells from cryopreservation-mediated cell death [75]. All these studies suggest
that programmed cell death following cryopreservation is important to characterize and
study, and strategies to minimize its effects can greatly increase cell survival post-thaw.

2.2 Diabetes mellitus and treatment options

Diabetes mellitus is becoming a worldwide epidemic, currently affecting more than
170 million people worldwide according to the World Health Organization (WHO) with
numbers predicted to double within the next two decades.

In the United States alone,

there are approximately 18.2 million people afflicted with Type 1 or Type 2 diabetes,
costing over $132 billion dollars in direct and indirect costs. Type 1 diabetes, comprising
10% of the diabetic population, is an autoimmune disease in which the body’s own
immune system attacks and kills the insulin-producing cells (β-cells) located in the islets
of Langerhans of the pancreas. This renders the patient unable to produce insulin,
leaving blood glucose levels to fluctuate outside the physiologically normal range. As a
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result, the patient is dependent on exogenous sources of insulin for glucose regulation.
The current treatment of insulin-dependent diabetes involves monitoring blood glucose
levels and daily bolus insulin injections or by subcutaneous or intraperitoneal insulin
delivery via pumps. Type 2 makes up the majority of diabetics, and it is characterized by
the ineffectiveness of insulin produced or insulin resistance. Its causes are both genetic
and environmental, associated with increased age, unhealthy diet and sedentary lifestyle.
Treatment includes proper diet, exercise and drugs (such as sulfonylureas).

A

subpopulation of Type 2 diabetics may eventually rely upon insulin injections to maintain
normoglycemia and thereby fall into the same category of insulin-dependent diabetics as
Type 1.
Despite glycemic control by daily insulin injection therapy, the relatively poor
regulation of insulin delivery leads to numerous complications. Complications may
include retinopathy, neuropathy, nephropathy and microvessel damage. The Diabetes
Control and Complications Trial of 1993 concluded that tight glycemic regulation delays
and reduces diabetic-related complications [76]. Bolus insulin injections do not provide
the physiologically tight glycemic control offered by the native pancreas and so
alternative approaches are needed.
Cell-based therapies are an attractive approach to address insulin-dependent
diabetes due to the cells’ innate machinery for regulated insulin release in response to
physiologic changes in glucose levels. Based on this motivation, islet transplantation has
become a potential approach, especially since the promising results of the Edmonton
Protocol. This study showed that cadaveric human islet transplantation via intraportal
vein delivery of islets without the use of glucocorticoid-based immunosuppression can
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result in long-term insulin independence, via intraportal vein delivery of islets [77].
However, the use of long-term immunosuppression and availability of donor tissue makes
this therapy, although promising, limited.
2.2.1 Tissue Engineered Pancreatic Substitute
Tissue engineering holds the potential to alleviate some of the stresses of tissue
and organ shortages for replacement therapy of insulin-dependent diabetes [12].
Moreover, it has the potential to provide a more physiologic, less invasive and potentially
less costly treatment for type I diabetes. The potential market for pancreas replacement
products is expected to be a rapidly growing target segment over 1999-2010, expanding
at a 6.8% compound annual rate due to increases in the incidence of diabetes. Based on
1999 patient populations and pricing estimates, the potential U.S. market for the tissue
engineered bioartificial pancreas is approximately $2.5 billion [78].
Currently there exist several designs for a tissue engineered pancreatic substitute.
Typically, these constructs utilize insulin-secreting cells surrounded by a semi-permeable
membrane. This membrane allows for the passage of nutrients and metabolites (such as
glucose and insulin), but excludes larger antibodies and immune cells of the host.

Cell

encapsulated construct designs include vascular devices, diffusion chambers and the most
common, microcapsules. The advantages of the microcapsules include a high surface
area to volume ratio and also ease of handling. A major disadvantage includes difficulty
in retrieval post-transplantation. Typically, the size of these beads range from hundreds
of microns to about one millimeter. The most prevalent type is comprised of an alginate
gel coated with poly-L-lysine (PLL) with an outermost layer of alginate, which is
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commonly referred to as an alginate-poly-l-lysine-alginate (APA) bead. This is based on
the encapsulation system of Lim and Sun [79].
2.2.2 Pancreatic Substitute Construct Composition: Alginate and poly-L-lysine
membrane
Alginate is a common term for the family of unbranched polymers (blockcopolymers) of 1,4-linked β-D-mannuronic acid (M) and α-Lguluronic acid (G) residues
that vary in proportion, sequence and molecular weight depending on the type and source
of alginate.

The gelation of alginate occurs when divalent or multivalent cations,

typically Ca2+, interact ionically with blocks of G residues between two different chains
resulting in a three-dimensional network [80]. The strength of this network depends on
the overall fraction of G residues, in particular the frequency and length of contiguous G
blocks, and the ion concentration at the time of gelation [81]. The physical properties of
alginate gels vary depending on their chemical composition; for example, a high G
alginate is characterized by a stiffer and more porous gel whereas high M content
alginates are softer and less porous [82, 83]. Tanaka et. al. found that the diffusion
coefficients of solutes under 2x104 molecular weight into and out of alginate beads agree
with those in a free water system [16].
The alginate gel is usually coated with poly-L-lysine as it provides structural
support to the bead as well as it acts as an immune barrier. The poly-L-lysine membrane
can be adjusted to have a molecular weight cutoff of 45-60kDa [15], thus allowing small
solutes to pass through (such as glucose, insulin and dissolved oxygen) while excluding
larger molecules, such as antibodies, and whole cells, such as macrophages.
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2.2.3 Insulin-secreting insulinoma cells
In the development of a tissue engineered pancreatic substitute, cell sourcing is a
major issue. The use of human or porcine primary pancreatic cells is associated with
limited availability, including difficulty in cell amplification with also a loss of
phenotype with culturing time [84].

Hence, researchers have tried to find more

phenotypically stable cell lines that can also be easily amplified. Examples include
engineered non-β-cells, stem cells and transformed β-cells [85].
Efrat et al. have developed continuous murine β cell lines (βTC), derived from
insulinomas arising in transgenic mice that express the simian virus 40 (SV40) T antigen
(Tag) in β cells under control of the insulin promoter [86]. They can easily proliferate
under normal culturing conditions and retain their phenotype over a range of passages.
An obstacle to the use of transformed β-cell lines in transplantation is their uncontrolled
proliferation. To address this drawback, Efrat et al. used the tetracycline conditional gene
expression system to regulate Tag activity in β cells from transgenic mice. A βTC line
developed from these mice, βTC-tet, is strictly dependent on Tag expression for its
proliferation. In the absence of tetracycline, the Tag transgene is expressed and maintains
the cells in continuous proliferation. In the presence of tetracycline, Tag expression is
tightly shut off, leading to a complete arrest of cell replication. The regulation is
reversible, allowing resumed cell growth upon removal of tetracycline. This system
offers an efficient way for cell expansion in culture and for regulation of cell numbers
after transplantation [87]. The ability to easily amplify these cells in culture as well as
control their proliferation with tetracycline makes these glucose-responsive insulin
producing cells an attractive cell source for a pancreatic substitute.
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2.2.4 Cryopreservation of encapsulated cell systems
Despite the advantages and applications of encapsulated cell systems, there have
been limited studies on the ability to cryopreserve such systems for long-term storage.
Due to the soft, hydrogel composition of these systems, they are particularly susceptible
to freezing injury. Results in the field have been mixed, with reports of varying cell
viabilities and extent of matrix damage post-thaw [42, 88-97]. Most published studies
have used slow cooling with 5-20% DMSO. In one study the necessary incubation time
in DMSO was found to be 5 hours [98] for optimal cell survival. This is surprising as
studies in our lab found DMSO to diffuse in alginate beads in a few minutes (see
CHAPTER 5). A detailed study by Heng et al varied cooling rates, CPA type and
composition and the use of non-permeating CPAs (sucrose, ficoll) for cryopreserving
African green monkey kidney cells encapsulated in alginate microbeads [91]. They
found slow cooling with a range of DMSO and ethylene glycol (EG) concentrations
resulted in a high post-thaw cell viability of 80-85%, with ~60% of the microcapsules
remaining intact when 2.8 M DMSO and 2.7 M EG were used. The presence of 0.25 M
sucrose significantly improved post-thaw cell viability upon slow cooling with 2.8 M
DMSO, though it had no effect on microcapsule integrity. Rapid cooling with 3.5 or 4.5
M DMSO resulted in <10% cell viability with retention of bead integrity. Studies in our
lab have shown vitrification to be a promising approach for long-term storage of alginate
microcapsules, retaining cell viability, function and capsule integrity. Ice formation due
to slow freezing and low concentrations of DMSO caused cryodamage [42, 43].
Kuleshova et al. have published a few studies on vitrification of encapsulated hepatocytes
[92, 96]. In the first study, they used 40% (w/w) EG and 0.6 M sucrose to vitrify

24

collagen-encapsulated hepatocytes.

This method was a modification of a

cryopreservation protocol used for embryos and oocytes [91]. The second paper utilized
the same CPA solution to successfully vitrify M- and G- collagen-encapsulated
hepatocytes in cryostraws. With this method, however, scale-up would be a critical issue
to address as cryostraws only allow volumes of 250 μL to be preserved.

2.3 Embryonic Stem Cells (ESCs)

2.3.1 Embryonic Stem Cells
Embryonic stem cells hold great promise for cell-based therapies, tissue engineering
and basic science research due to their self-renewal potential and ability to differentiate
into any cell type [99-102]. ESCs are isolated from pluripotent cells of the developing
blastocyst, and when implanted in vivo, they have been shown to differentiate into bone,
cartilage, muscle and epithelium [103].
2.3.2 Embryonic Stem Cell Preservation and Encapsulation
2.3.2.1 ESC Cryopreservation
Cryopreservation of murine embryonic stem cells (mESCs) has been successfully
achieved and well established, similar to methods used to cryopreserve commonly used
cell lines [104]. This usually includes the use of low concentration cryoprotectants (1-2
M), such as dimethyl sulfoxide (DMSO) and ethylene glycol (EG), which are added to
the single cell suspension and cooled in a cryovial at a slow cooling rate (1 to 5oC/min)
down to -80oC and then plunged into liquid nitrogen. Samples are thawed rapidly in a
37oC water bath, CPA is then removed typically in a single-step by dilution in culture
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media and after centrifugation the cells are returned to culture flasks. This typically
results in over 80% cell survival and the cells remain undifferentiated [104].
Unfortunately, human embryonic stem cells (hESCs) that are cryopreserved with this
slow cooling, rapid thaw approach suffer from low viability and spontaneous cell
differentiation. It is believed that intimate physical contact and cell-cell signaling are
essential for hESC survival and pluripotency [105-108]. Due to this need for cell-cell
association, it is thought that successful cryopreservation of hESCs would be as cell
colonies, not single cell suspensions such as for mESCs [106].

Challenges with

cryopreservation of cell aggregates include ensuring adequate CPA equilibration
throughout the cell cluster, while minimizing CPA cytotoxicity for the outermost cells;
and ice formation that may occur during freezing that can damage the gap junctions and
other cell-cell interactions that are required for normal hESC function.

Indeed studies

employing slow cooling for cryopreservation of hESCs colonies have resulted in very
poor post-thaw survival, with studies reporting 10-20% viability, with often times the
cells becoming differentiated [107, 109-112]
Due to the damaging effects of ice formation, vitrification, or ice-free
cryopreservation, is an attractive approach for long-term storage of hESCs. Using a
combination of high concentration cryoprotectants and rapid cooling and thawing rates,
ice crystallization can be avoided and instead water achieves an amorphous glass.
Studies applying vitrification have reported higher hESC survival, greater than 75%, than
conventional slow freezing [111-113]. Moreover, these studies demonstrated that a large
proportion of post-thawed cells remained undifferentiated, though colony size and growth
were reduced compared to fresh controls.
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2.3.2.2 ESC Encapsulation
In addition to vitrification, cell entrapment in gels may offer protection during
cryopreservation that might otherwise be absent to naked cells. Hepatocytes that were
cryopreserved in alginate hydrogels or sandwiched in between collagen had higher
viabilities and metabolic function post-cryopreservation than their cell suspension
counterparts [93, 114, 115]. In addition, adherent hESC colonies on tissue culture plates
were coated in Matrigel and slowly cooled. Cryopreserving adherent hESC colonies
directly on culture plates led to improved viability and less cell differentiation than hESC
colonies cryopreserved as a cell suspension (3x105 viable cells/plate vs. 0.2x105 viable
cells/plate) [116].
The use of entrapped ESCs in 3-D alginate beads is an attractive system that can
potentially promote ESC expansion, embryoid body (EB) formation and terminal
differentiation. This would be valuable for tissue engineering applications, such as
skeletal engineering, for the formation of bone. Using bioreactors, this system would
allow for automation and optimization of a bioprocess to yield adequate cell numbers for
clinical therapies [17, 18].

For example, batches of encapsulated ESCs could be

expanded up to a specific cell density and then cryopreserved. After thawing, they would
be driven towards EB formation and down a specific tissue lineage.

Alternatively, the

beads could be cryopreserved further downstream in the bioprocess, after expansion and
EB formation, and then driven towards terminal differentiation after thawing. These
strategies are currently being explored.by colleagues at Imperial College.
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2.4 Articular Cartilage

2.4.1 Articular Cartilage Composition, Structure and Function
Articular cartilage (AC) is a dense, hydrated soft tissue that lines the articulating
surfaces of joints. On a wet weight basis, it is composed of 70-85% interstitial fluid, 1020% collagen, and the remainder is glycoproteins, lipids and proteins [117]. Its primary
physiologic function is mechanical, providing a remarkably low friction bearing surface,
and serving to distribute joint loads over a larger area [117].

The biochemical

composition and structure of the extracellular matrix allow it to perform these functions,
and damage of the structure due to disease or trauma can significantly impair the tissue’s
mechanical function.

Adult articular cartilage generally contains chondrocytes,

composing 5-10% of the total tissue volume [118].
The primary collagen in articular cartilage is collagen type II, which forms a
fibrillar network with a well defined ultrastructural organization. Small amounts of other
collagens such as types VI, IX, X, XI, XII and XIV are also found in articular cartilage
[119, 120]. The collagen’s network provides the majority of the tissue’s mechanical
strength due to collagen’s high tensile stiffness. Within the tissue, negatively charged
macromolecules interact with the positively charged, ionic interstitial fluid, leading to a
substantial osmotic swelling pressure [117]. Within the tissue, the matrix constituents are
organized in a specific zonal order [121]. Relative to tissue wet weight, the collagen
content is greatest at the surface and decreases with depth, the proteoglycan content is
lowest at the surface and greatest in the middle, and the water content is greatest at the
surface and decreases with depth [122]. The unique composition and organization of the
zones in articular cartilage allow it to perform its distinct biomechanical role.
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2.4.2 Articular Cartilage Defects and Treatment
Compression forces or shear stress on the articular surface can lead to cartilage
damage. This results in subsequent loss of normally functioning cartilage causing pain
and swelling.

During healing, chondrocytes respond to injury by secreting matrix

macromolecules but often do not reach the damaged site due to the dense extracellular
matrix inhibiting transport. Due to the avascularity of cartilage, healing is slow and
minimal.

Clinicians have explored several treatment options for patients with articular

cartilage defects. Therapeutic interventions without active biologics may involve lavage and
arthroscopy, and microfracturing and drilling [123]. A commercialized technology by
Genzyme Biosurgery (CarticelTM) involves harvesting healthy cartilage from the patient and
expanding chondrocytes in cell culture. After expansion the chondrocytes are returned to
the surgeon for implantation where a periosteal flap is taken from the tibia and placed over
the cartilage defect, and the chondrocytes are injected into the defect beneath the periosteal
flap. Another treatment option could potentially involve taking cartilage plugs that have
been stored in liquid nitrogen and use it to repair the injury site. Clinical application of
cryopreserved allogeneic osteochondral grafts would not have regulatory hurdles as the
tissue would not have been altered in any way. Because cartilage is avascular implanted
cryopreserved-thawed allogeneic cartilage would not suffer immune rejection from the
recipient’s body.
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2.4.3 Preservation of Chondrocytes and Cartilage
Isolated chondrocytes can be preserved using conventional cryopreservation methods
involving freezing; however, currently there is no satisfactory method to consistently
preserve cartilage tissue [23, 24]. Studies using various animal articular cartilage models
[21, 22, 124, 125] and human cartilage biopsies [126] have revealed less than 20%
chondrocyte viability following conventional cryopreservation procedures employing
either DMSO or glycerol as cryoprotectants. Ohlendorf et al. [22] used a bovine articular
cartilage osteochondral plug model to study a clinical cryopreservation protocol, which
employed slow cooling and 8% DMSO as the cryoprotectant. They observed loss of
viability in all chondrocytes except those in the most superficial layer at the articular
surface.

Using ovine cartilage, Muldrew et al. [124] found viable cells post-

cryopreservation close to the articular surface and deep at the bone/cartilage interface,
whereas the middle layer was devoid of viable cells. The reason for lack of cell survival
deeper than the superficial layers of articular cartilage is most likely multifactorial, but
seems to be related principally to mass and heat transfer considerations [27]. Typically
employed concentrations of DMSO (8-20%) may not penetrate adequately to limit
intracellular ice formation, resulting in cell death and lysis and the release of intracellular
enzymes that may further damage the neighboring matrix [26]. Extracellular ice may not
directly damage the cells, but it does damage the matrix resulting in inferior
biomechanical properties. Recent studies by Pegg and co-workers indicate that ice forms
preferentially within the chondron instead of the surrounding acellular matrix [23].
To avoid ice formation and consequent tissue damage, a limited number of studies
have investigated vitrification as a means for preservation; however, results are few and
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varied. Studer and co-workers [127] were able to vitrify 150 μm thick segments of
bovine articular cartilage by freezing at high pressures, and Jomha et al [128] partially
vitrified porcine articular cartilage using high concentration of DMSO and rapid cooling.
Song and co-workers [25] were able to successfully vitrify rabbit articular cartilage plugs
using a baseline protocol utilizing VS55, a vitrification solution. In this latter study,
preserved and fresh control plugs were implanted in the tibial plateau of allogeneic
recipients, and the plugs were examined histochemically upon explantation. Fresh and
vitrified explants had essentially the same histology, whereas conventionally frozen
grafts were devoid of chondrocytes and only fibroblast-like cells were observed.

More

recently, Pegg et al. [129] developed a liquidus-tracking method, which prevented the
crystallization of ice during vitrification of ovine articular cartilage and did not require
rapid warming. Cartilage preserved this way incorporated sulfate into newly synthesized
glycosaminoglycans (sGAG) at approximately 70% of the rate of fresh control cartilage.
Due to mass and heat transport limitations, despite success with small dimension AC,
cryopreservation of clinically relevant sized plugs remains a challenge.
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CHAPTER 3

EFFECTS OF CRYOPRESERVATION ON CELL VIABILITY AND INSULIN
SECRETION IN A MODEL TISSUE ENGINEERED PANCREATIC
SUBSTITUTE 1

3.1 Abstract

The use of encapsulated insulin-secreting cells constitutes a promising approach towards
the treatment of insulin-dependent diabetes. However, long- term storage for off-theshelf availability still remains an issue which can be addressed by cryopreservation. This
study investigated cryopreservation of a model tissue engineered pancreatic substitute by
two ice–free cryopreservation (vitrification) solutions (designated VS55 and PEG400) in
comparison to a conventional freezing protocol.

The model substitute consisted of

insulin-secreting mouse insulinoma βTC3 cells entrapped in calcium alginate/poly-Llysine/alginate (APA) beads.

Cell viability and static insulin secretion from the thawed

cryopreserved groups were characterized and compared against fresh controls. Cell
viability tests using alamarBlue® showed that, as compared to the fresh groups, the VS55
had the highest viability (p<0.05), followed by both the PEG400 (p<0.001) and the
frozen groups (p<0.001). In response to a square wave of glucose, the static insulin
secretion data showed that the VS55 and PEG400 groups had similar induction levels
against the fresh group, whereas the frozen group had the poorest secretion rate.
Cryosubstitution of capsules showed ice formation in the frozen group but no ice in the

1

Modification of a paper published in Cell Transplantation, 14(7): 449-456 (2005).
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vitrified groups. Microscopic observations revealed holes and/or tears within beads
subjected to freezing, whereas no such abnormalities were detected in the vitrified
samples. Overall, vitrification was found to be a promising preservation procedure for
this encapsulated cell system.

3.2 Introduction

The use of encapsulated insulin-secreting, glucose-responsive cells constitutes a
promising approach towards treatment of insulin-dependent diabetes by offering a more
effective and less invasive alternative to insulin injections. Studies using both small and
large diabetic animal models [79, 130-133] have shown restoration of normoglycemia for
various periods of time following the implantation of encapsulated allogeneic or
xenogeneic cells. In spite of these advances in the field, there remain several critical
issues to be addressed, including long-term storage of encapsulated cell systems. Indeed,
it is anticipated that encapsulated cells will be fabricated at a centralized location, and
long-term preservation would be essential for off-the-shelf availability of the product.
One possible route to address this is through cryopreservation. Pioneering work
done by Polge and others found that chemicals such as glycerol [29] and dimethyl
sulfoxide (DMSO) [63] protected biological materials during freezing and thawing.
Traditional cryopreservation utilizes permeating cryoprotectants at low cooling rates or
non-permeating cryoprotectants at high cooling rates to reduce ice formation [27].
However, when cryoprotectants are used in high concentrations (6-9M) [34] in
conjunction with very high cooling rates, ice formation can be avoided altogether during
freezing and thawing; this is known as vitrification. Vitrification refers to the physical
process by which a concentrated solution of cryoprotectants solidifies during cooling
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without crystallization. The solid, called a glass, retains the normal molecular and ionic
distributions of the liquid state and is therefore usually considered to be an extremely
viscous supercooled liquid.

Ice-free preservation is expected to be advantageous for

biological systems by avoiding the harmful effects of ice formation associated with
conventional freezing.
Indeed previous studies have demonstrated improved preservation using
vitrification over conventional freezing methods. With regard to pancreatic tissue in
particular, Jutte et al. reported successful vitrification of both mouse and human islets
[134, 135]. Furthermore, Bodziony et al. [41], comparing vitrification of rat pancreatic
islets to six other cryopreservation protocols, found no significant viability difference
between the vitrified and the other groups; however, the vitrified group was the only one
with glucose-stimulated insulin secretion comparable to the control. In other studies
exemplifying the versatility of the vitrification process, venous allografts, articular
cartilage and heart valves were shown to have better preservation over conventional
freezing [37, 39, 136 ]
This study investigated cryopreservation of a model tissue engineered pancreatic
substitute by two vitrification solutions, a baseline VS55 solution and one incorporating
400 molecular weight polyethylene glycol, in comparison to a conventional freezing
protocol. The model substitute consisted of insulin-secreting mouse insulinoma βTC3
cells entrapped in calcium alginate/poly-L-lysine/alginate (APA) beads, which has been
shown to be a functional, scaleable pancreatic substitute [10, 15, 137]. Cell viability and
insulin secretion properties post-vitrification and post-freezing were characterized and
compared against controls.

Overall, vitrification was found to be a promising
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preservation procedure for this encapsulated cell system with the potential to be
applicable to other tissue substitutes as well.

3.3 Materials and Methods

APA-encapsulated βTC3 cells were prepared at Georgia Institute of Technology
(Georgia Tech) and shipped to Organ Recovery Systems, Inc. (ORS) by overnight
express at ambient temperature in T-flasks filled with supplemented DMEM. At ORS,
encapsulated cells were cryopreserved (vitrified and frozen), and specimens were also
subjected to histology and cryosubstitution. Cell viability in thawed and non-preserved
beads was assessed with alamarBlue®. Specimens were also subjected to static insulin
secretion tests; samples from these insulin secretion tests were shipped to Georgia Tech
on dry ice overnight for analysis by radioimmunoassay. Tests performed to evaluate an
appropriate method for shipping encapsulated cells between the two places found that
delivery in media-filled T-flasks at ambient temperature retained high cell viability (7789%).
3.3.1 Cell and Cell Culture
βTC3 cells were obtained from the laboratory of Dr. Shimon Efrat, Albert
Einstein College of Medicine, Bronx, NY [86]. Monolayer cultures were initiated from
frozen stocks and cultured in T-flasks in complete growth medium consisting of
Dulbecco’s Modified Eagle’s Medium (DMEM) (Fisher Scientific, Fairlawn, NJ)
supplemented with 1% glutamine (Sigma Chemical Co, St. Louis, MO), 15% heatinactivated horse serum (Sigma), 2.5% fetal bovine serum (Hyclone, Logan, UT) and 1%
penicillin/streptomycin (Fisher Scientific). Cultures were incubated in a 37°C, 5% CO2,

35

humidified incubator. Cells were split at ratios of 1:5 when confluent and used between
passage numbers of 38 and 44.
3.3.2 Fabrication of beads
βTC3 cells were entrapped in calcium alginate/poly-L-lysine (PLL) /alginate
(APA) beads using previously published protocols [10, 13], briefly as follows: cells were
detached from monolayer cultures by trypsinization (0.05% Trypsin-EDTA, Mediatech
Cellgro, Herndon, VA) and suspended at a density of 3x107 cells/mL alginate in a filtersterilized solution of 2.0% sodium alginate (ISP Alginates, Inc, San Diego, CA) in 0.85%
aqueous NaCl. The suspension was added in dropwise fashion into an 1.1% CaCl2 bath,
forming beads of gel containing entrapped cells; beads were then coated with poly-Llysine and finally with an outer layer of 0.20% alginate. The beads were made with an
electrostatic droplet generator (Nisco Engineering AG, Zurich, Switzerland) and ranged
from 500-650μm in diameter. Beads were incubated with culture media in T-flasks
placed on an orbital shaker in a 37°C, 5% CO2, humidified incubator.
3.3.3 Vitrification and Conventional Freezing Protocols
VS55 was used as the base line vitrification solution composed of 3.1 M DMSO,
2.2 M 1,2 propanediol and 3.1 M formamide [7]. It has been reported that combinations
of low concentrations of cryoprotective agents (CPA) with 400 molecular weight PEG
are extremely effective at controlling ice formation [31]. This vitrification solution (noted
as PEG400) consisted of 5M propanediol, 1M DMSO and 12% PEG 400. The times
needed for loading and unloading the vitrification solutions were derived based on CPA
permeation studies, which showed that the time to equilibrium in APA beads is of the
order of 2-3 minutes (data not shown). After addition of the final vitrification solution,
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encapsulated constructs were cooled rapidly (43°C/min) to -100°C, followed by slow
cooling (3°C/min) to -135°C, and finally stored in a freezer at -135°C for a minimum of
24 hours. These samples were either warmed for further study, or cryosubstituted to
determine the location and distribution of ice, if any, within the constructs. A
thermocouple was inserted into a separate dummy sample of the same vitrification
solution without any beads, and its output was monitored via a digital thermometer.
Vitrified samples were rewarmed in two stages: first, a slower warming to -100°C
(30°C/min) and then rapid warming to melting (225°C/min). The slower warming rate
was achieved by moving the sample to the top of the -135°C freezer. The fast warming
rate was generated by placing the glass vial in a mixture of 30% DMSO/water at room
temperature [37].
Conventional cryopreservation was used as the frozen control [38].

Briefly,

samples were initially immersed for 20 min in DMEM containing 10%DMSO-10% fetal
calf serum at 4°C. Samples were then cooled at a controlled rate of 1.0°C/min to -80°C
and finally transferred to liquid nitrogen for storage. Thawing was accomplished by
immersing the containers in a water bath controlled at 37°C until all ice had visibly
disappeared, whereupon the containers were transferred to an ice bath for elution of the
DMSO. This was achieved in sequential steps in which the samples were transferred to
DMEM containing 0.5M, 0.25M and finally 0.0M mannitol as an osmotic buffer.
3.3.4 Cryosubstitution, Histology
Cryosubstitution is a technique in which tissue is preserved at subzero
temperatures using organic solvents to dissolve ice [138]. In this way the profile of any
ice domains can be revealed in the frozen or vitrified samples. Cryosubstitution of the
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cryopreserved beads took place at -90° C using a substitution solution of methanol and
osmium tetroxide. Vials containing samples and substitution mixture were placed in a
heat sink to maintain the temperature of the mixture constant. The substitution solution
was changed three times over a five-day period, then the heat sink and samples were
transferred to -20°C for 24 hours. Following that, the temperature was changed to 4°C for
two hours and finally to room temperature. Beads were transferred to 100% acetone
followed by the addition of Araldite resin, embedded, polymerized and sectioned for
examination under a light microscope.
3.3.5 Cell viability measurement
The alamarBlue® (BioSource International, Inc.) assay was used to assess the cell
viability of the APA beads pre- and post- cryopreservation. For these experiments, 100
μL of beads, 100 μL alamarBlue® and 1 mL DMEM were placed into a 24- well plate (3
wells for each bead type). Controls were also used in which 100 μl alamarBlue® and 1
mL DMEM were put into the wells. After proper mixing, the 24- well plate was placed
into a 37˚C/5% CO2 incubator for 3 hours. Following incubation, 100 μL of medium
from each well, including controls, were placed into a 96-well microtiter plate for
reading. The plate was read with a Spectra Max Gemini Plate Reader using an excitation
wavelength of 544 nm and an emission wavelength of 590 nm. All readings were
normalized to initial cell number.
3.3.6 Static Insulin Secretion Protocol
Insulin secretion tests were performed on APA Beads with βTC3 cells before and
after several methods of cryopreservation to evaluate their insulin secretion in response to
a square wave of glucose. For each experiment, approximately 0.5 mL beads and 12 mL
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of medium were placed in a flask on an orbital shaker in a 37°C/5% CO2 incubator.
Beads were exposed for two hours to glucose-free (basal) DMEM medium with sampling
at hours 1 and 2 (with rinsing and replacement of basal medium at each hour), followed
by exposure to 8 mM of glucose-supplemented medium for 2 hours with sampling at
hours 3 and 4 (with rinsing and replacement of glucose-supplemented medium at each
hour), and finally 2 hours of exposure to basal medium with sampling at hours 5 and 6
(with rinsing and replacement of basal medium). To account for small variations in cell
number per bead and volume of beads in each experiment, the highest secretion rate of
each set of cultures studied in parallel was set equal to 1 and the other secretion rates
were normalized relative to that value. Insulin concentrations were measured by
radioimmunoassay (Linco Research, St. Charles, MO) following the manufacturer’s
protocol.
3.3.7 Statistical Analysis
Statistical analyses were done using one-way ANOVA with Tukey’s multiple
comparison test with a sample size consisting of replicate experiments of n=5 for fresh,
VS55 and frozen groups and n=4 for PEG400 group. All results with a value of p<0.05
were considered statistically significant.

3.4 Results

APA-encapsulated βTC3 cells were cryopreserved using two vitrification and one
conventional freezing protocols. Capsules were assessed post-preservation to evaluate
bead morphology and structure, cell viability, and insulin secretion in response to
glucose.

39

Cryosubstitution fixation and staining of sections show the appearance of the
APA beads after freezing (Figure 3.1A) or vitrified storage (Figure 3.1B).

Light

microscopy of toluidine blue-stained bead cross-sections illustrates extensive ice crystal
formation in frozen beads (Figure 3.1A), but no ice formation in vitrified samples (Figure
3.1B).

A

B

Figure 3.1 Morphology of frozen and vitrified beads at –90°C. Freeze substitution of
controlled-rate frozen beads shows considerable ice formation throughout the construct
(A). Freeze substitution of vitrified beads shows the absence of ice in the construct (B).
Light microscopy sections were stained with toluidine blue; scale bars represent 50μm.

Histological sections of fresh, frozen, and vitrified samples were compared by
light microscopy (Figure 3.2). There were extensive fractures (tears) and vacuolation in
the constructs of frozen specimens (Figures 3.2 B, C). On the other hand, there were no
observable fractures and vacuolation was lower in the vitrified specimens (Figures 3.2 D,
E).
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Figure 3.2 Histology of fresh and rewarmed vitrified and frozen beads. Low
magnification of APA-encapsulated βTC3 cells shortly after preparation (A). Controlledrate frozen and re-warmed APA beads with βTC3 cells (B) indicate tears throughout the
construct. At higher magnification, tears (asterisk) are clearly visible throughout the
construct (C). Vitrified APA beads with βTC3 cells, which have been re-warmed (D, E),
show a construct free of tears compared to the controlled-rate frozen beads. Arrows
indicate βTC3 cells (C,E). The sections were stained with toluidine blue; in figures
A,B,D scale bars represent 50μm; in figures C,E scale bars represent 10μm.
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Cell viability in beads was measured by alamarBlue®, a metabolic indicator that
is reduced in proliferating cells. As compared to the fresh group, all cryopreserved
groups had lower viabilities (VS55: p<0.05; PEG400 and frozen groups: p<0.001)
(Figure 3.3). The VS55 group had a higher viability than either the PEG400 or the frozen
group (P<0.001), whereas the viabilities of the latter two were statistically the same
(p>0.05).
2000

*
RFU

#
1000

♦

0
Fresh

VS55

PEG400

Frozen

Figure 3.3 Cell viability (normalized to initial cell number) of cryopreserved groups
using alamarBlue®. * fresh vs. VS55, p<0.05, fresh vs. PEG400, p<0.001, and fresh vs.
frozen, p<0.001; # VS55 vs. PEG400, p<0.001, VS55 vs. frozen, p<0.001; ♦ PEG400
vs. frozen, p> 0.05; data are presented as mean ± SEM.

The static insulin secretion data showed that, as compared to the fresh group, the
VS55 group displayed similar secretion dynamics. The PEG400 group exhibited a
somewhat lower induced insulin secretion rate, but the difference was not statistically
significant. The frozen group had the poorest secretion rate, and indeed at 3rd and 4th
hours during glucose induction, the frozen group exhibited significantly lower secretion
relative to the other groups (Figure 4). These results suggest that cryopreservation using
the VS55, possibly also PEG400 protocols could prove to be a successful means of
preservation, as their insulin secretion rates closely mirrored those of the control group.
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Freezing using the conventional protocol implemented in this study was a poor candidate
for cryopreserving the encapsulated cell system, as both the cell viability and induced
secretion rate of frozen beads were significantly lower than those of the fresh group.

8 mM Glucose
0 mM Glucose

0 mM Glucose

Normalized Secretion Rate
(uU/1E5 cells.hr)

1.1
1
0.9
0.8

Fresh
VS 55
PEG400
Frozen

0.7
0.6
0.5
0.4

#

*

0.3
0.2
0.1
0
1

2

3

4

5

6

Time (Hours)

Figure 3.4 Static insulin secretion rates from fresh, vitrified (VS55 and PEG400) and
frozen beads exposed to a square wave of glucose concentration. # indicate fresh vs.
frozen, p<0.001;VS55 vs frozen, p<0.001; PEG400 vs frozen, p<0.05; * indicate fresh
vs. frozen, p<0.001; VS 55 vs frozen, p<0.01; PEG400 vs frozen, p<0.05; data are
presented as mean ± SEM; n=3.

3.5 Discussion

The presence of extracellular ice, although generally not harmful for cell
suspensions, poses a significant challenge in the preservation of multicellular tissues and
organs [4, 6, 27]. Mass and heat transport limitations imposed by the three-dimensional
architecture of tissues, as well as their naturally high organization and complexity,
influence their response to freezing. Limiting the amount and size of ice crystals formed
during cryopreservation would avoid the inherent problems of extracellular ice, which
include mechanical damage to cells and matrix of the tissue. Hence, vitrification may
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offer a possible solution.

With regard to tissue substitutes, vitrification has shown

promise in preserving a tissue engineered blood vessel [139]. In this study, a model
pancreatic substitute consisting of APA-entrapped βTC3 cells performed better after icefree preservation than after conventional freezing
Having cells in hydrogels is advantageous, since diffusivities of small molecules
in hydrogels are comparable to those in water and higher than those in tissues [15, 140143]. βTC3 cells in APA beads initially are homogeneously distributed as single units.
However, over time they remodel forming cell clusters which, depending on the type of
alginate used, are either randomly dispersed in the matrix or are localized at the periphery
of beads [13]. Diffusivities within clusters are expected to be similar to those in tissues.
Thus, preservation of constructs incorporating single cells would be preferable to
constructs incorporating cell clusters, as the necessary exposure times to cytotoxic CPAs
would be lower for architectures incorporating single cells, thereby increasing chances
for cell survival.
Indeed, preservation of cell aggregates poses significant challenges, as evidenced
by work reported with islets. The findings of Bodziony et al. [42] concluded that
vitrification was the most favorable among cryopreservation protocols tested on islets, as
evaluated by their functional and morphological integrity post-preservation. However,
different results are reported in other studies with pancreatic islets. Langer et al. [144]
found conventional methods of cryopreservation to be superior to vitrification with
respect to islet viability after thawing, though functional studies were not included in that
study.

Jutte et al. [134] compared a vitrification protocol to a conventional

cryopreservation method regarding glucose-induced insulin release from thawed islets
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and found both methods to give comparable results. Overall, the literature shows mixed
results regarding cryopreservation of islets; however, vitrification of islets indeed appears
significantly more challenging than vitrification of APA-encapsulated βTC3 cells.
Although this study showed the retention of cell viability and function after
vitrification for the encapsulated cell constructs, as well as minimal damage to the
calcium alginate matrix, it did not address the effects of cryopreservation on the beads’
poly-L-lysine immunoprotective membrane.

In order to be successful, the desired

cryopreservation method should not compromise the morphological and functional
integrity of the materials, in addition to maintaining cell viability and function.
Furthermore, the design of cryopreservation protocols must account for cytotoxic effects
of CPAs, especially at high concentrations [145], by evaluating the optimal CPA
concentrations and exposure and elution times. This work is currently under way in our
laboratory.
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CHAPTER 4

CRYOPROTECTANT DELIVERY AND REMOVAL FROM MURINE
INSULINOMAS AT VITRIFICATION-RELEVANT CONCENTRATIONS 2
4.1 Abstract

Development of optimal cryopreservation protocols requires delivery and removal
of cryoprotective agents (CPAs) in such a way that negative osmotic and cytotoxic
effects on cells are minimized. This is especially true for vitrification, where high CPA
concentrations are employed. In this study, we report on the determination of cell
membrane permeability parameters for water (Lp) and solute (Ps), and on the design and
experimental verification of CPA addition and removal protocols at vitrification-relevant
concentrations for a murine insulinoma cell line, βTC-tet cells.

Using membrane

permeability values and osmotic tolerance limits, mathematical modeling and computer
simulations were used to design CPA addition and removal protocols at high
concentrations. The cytotoxic effects of CPAs were also evaluated. Cells were able to
tolerate the addition and removal of 2.5 M dimethyl sulfoxide (DMSO) and 2.5 M 1,2
propanediol (PD) in single steps, but required multi-step addition and removal with 3.0 M
DMSO, 3.0 M PD, and a vitrification-relevant concentration of 3.0 M DMSO+3.0M PD.
Cytotoxicity studies revealed that βTC-tet cells were able to tolerate the presence of
single component 6.0 M DMSO and 6.0 M PD and to a lesser extent 3.0 M DMSO+3.0
M PD. These results determine the time and concentration domain of CPA exposure that

2

Modification of a paper published in Cryobiology, 55(1): 10-18 (2007).

46

cells can tolerate and are essential for designing cryopreservation protocols for free cells
as well as cells in engineered tissues.

4.2 Introduction

The need for long-term storage is a critical issue for the preservation of cells,
natural and engineered tissues and possibly organs.

Cryopreservation may offer a

clinically relevant solution by preservation at cryogenic temperatures allowing for offthe-shelf availability, sterility testing, and quality control monitoring.
Development of effective protocols for the cryopreservation of tissue engineered
substitutes requires knowledge of fundamental biophysical characteristics of the cellular
component. Permeating cryoprotective agents (CPAs) help protect cells from injury by
lowering lethal concentrations of intracellular electrolytes and decreasing the amount of
extracellular ice formed [146].

However, CPAs may cause cell damage due to rapid

volume excursions upon exposure of cells to CPA solutions, as well as by chemical
cytotoxicity, especially at high concentrations, as used in vitrification protocols. For a
certain CPA concentration step change, cellular volume excursions are determined by the
water (Lp, cm/s•atm) and solute (Ps, cm/s) permeabilities. When a cell is exposed to a
hypertonic solution of a permeating solute, there is an initial abrupt shrinkage caused by
water efflux determined by Lp, followed by a slower return to normal volume as the
solute permeates at a rate determined by Ps, which is generally referred to as shrink/swell
behavior [7].

To prevent large osmotically induced changes in cell volume and high

water fluxes through the cell membrane which can cause damage to cells [52], CPAs are
generally loaded and removed in a stepwise manner. Chemical toxicity can also be
reduced by lowering the temperature or reducing the CPA loading and unloading times.
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Proper design of CPA loading and unloading procedures is thus essential to obtain the
benefits of CPA function in cryopreservation while minimizing negative effects on cells.
Our laboratory is interested in tissue engineering a pancreatic substitute for
treatment of insulin-dependent diabetes.

A promising construct for laboratory and

preclinical studies consists of glucose-responsive, insulin-secreting βTC-tet mouse
insulinomas [87] encapsulated in a calcium alginate/ poly-L-lysine/ alginate (APA)
matrix [10, 15]. The ability to easily amplify these cells in culture as well as control their
proliferation by tetracycline makes βTC-tet cells an attractive cell source for a pancreatic
substitute. We have previously shown that a baseline vitrification protocol better
preserves an encapsulated cell system relative to conventional freezing, in terms of both
cell viability and function, as well as biomaterial structure [42, 43].

However, to

optimize cryopreservation protocols and minimize cell damage, a thorough
characterization is required of the osmotic and cytotoxic effects of cryoprotectants used
in the cryopreservation process.
In this study, we report on the determination of cell membrane permeability
parameters and on the design and experimental implementation of CPA addition and
removal protocols at vitrification-relevant concentrations that avoid the occurrence of
damaging osmotic excursions. Besides osmotic considerations, use of CPAs at high
concentrations may impose cytotoxic effects, and this is also addressed with the same cell
line. With the capability to deliver high concentrations of CPAs, the proposed addition and
removal protocols can be used to vitrify systems incorporating βTC-tet mouse insulinomas.
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4.3 Materials and Methods

4.3.1 Cell and cell culture
βTC-tet cells were obtained from the laboratory of Dr. Shimon Efrat, Albert
Einstein College of Medicine, Bronx, NY [87]. Monolayer cultures were initiated from
frozen stocks and cultured in T-flasks in complete growth medium consisting of
Dulbecco’s Modified Eagle’s Medium (DMEM) (Fisher Scientific, Fairlawn, NJ)
supplemented with 1% glutamine (Sigma Chemical Co, St. Louis, MO), 10% fetal bovine
serum (KSE Scientific, Durham, NC) and 1% penicillin/streptomycin (Fisher Scientific).
Cultures were incubated in a 37°C, 5% CO2, humidified incubator. Cells were split at a
ratio of 1:5 when confluent and used between passage numbers of 33 and 40.
4.3.2 Measuring cell volume changes and membrane permeability
Cell volumes were measured with a Beckman CoulterTM MultisizerTM 3 Coulter
Counter® (Beckman Coulter, Fullerton, CA, USA) using a 100 µm aperture and
calibrated with 10µm latex beads (Beckman Coulter, Inc). To measure cell volume
responses to cryoprotectants, approximately 3x106 βTC-tet cells in 150-300 µL PBS were
abruptly added to 90 mL of well-mixed 10% v/v solutions (1.4 M) of dimethyl sulfoxide
(DMSO) (Sigma, St. Louis, MO) and 1,2 propanediol (PD) (Sigma). Collected average
pulse height data were converted to cell volumes by the Coulter Counter® software using
its built-in digital pulse processor. Cell volumes were normalized to the isotonic cell
volume and plotted as a function of time. Measurements were carried out at 4, 22 and
37°C. CPA and water fluxes through the cell membrane were described mathematically
by equations (1) and (2) presented in the Mathematical Modeling and Calculations
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section. Equation solutions were fitted to experimental data to obtain the CPA and water
membrane permeability parameters.
4.3.3 Determination of osmotically- inactive volume (Vb) for βTC-tet cells
βTC-tet cells initially in isotonic (~0.272 Osm) saline were added to
microcentrifuge tubes containing saline solutions ranging from 0.201 to 1.00 Osm at
22oC. The osmolarity of the solutions was measured with a freezing point osmometer
(Advanced Micro- Osmometer, Advanced Instruments, Inc, Norwood, MA). Following
equilibration, cell volumes were measured with the Beckman CoulterTM MultisizerTM 3
Coulter Counter®. Cell volumes were normalized to the isotonic cell volume and plotted
against the reciprocal of osmolality. The osmotically inactive volume (Vb) was calculated
by fitting a straight line to the data and extrapolating it to infinite concentration [49, 50].
4.3.4 Cell osmotic tolerance
Osmotic tolerance limits of βTC-tet cells were determined by assessing cell
viability following their equilibration with anisosmotic NaCl solutions ranging from
0.137-5.341 Osm (using an osmometer, as described above) at 2-4°C (using an ice bath)
and 22°C (room temperature). Equilibration times were determined based on measured
water permeability (Lp) values and ranged from several seconds to ten minutes,
depending on the osmolality of the solutions. A fixed volume of cell suspension was
added to each of several microcentrifuge tubes containing the test solutions. After the
necessary equilibration period, the cells were removed from the test solution by
centrifugation at 100 x g for 5 minutes, returned to isotonic saline, and assessed for cell
viability. Experimental results were normalized to iso-osmotic saline controls treated in
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an identical fashion. Additionally, tests showed that centrifugation and resuspension in
isotonic saline solution did not affect cell viability (data not shown).
4.3.5 Analytical techniques
Cell viability was measured by trypan blue (Sigma, St. Louis, MO) and
alamarBlue® (BioSource International, Inc., Camarillo, CA).

The trypan blue dye

exclusion evaluates cell membrane integrity, as the dye is unable to cross intact plasma
membranes labeling only dead cells. Cell suspensions were assayed with an automated
Beckman Coulter® Vi-CELLTM (Beckman Coulter, Fullerton, CA, USA) cell viability
analyzer. AlamarBlue® evaluates the mitochondrial metabolic activity of the cells. For
this assay, approximately 2.5x106 cells, 100 μL alamarBlue® and 1 mL DMEM, or only
100 μL alamarBlue® and 1 mL DMEM for controls, were placed in each well of a 24well plate.

After proper mixing, the 24- well plate was placed into a 37˚C/5% CO2

incubator for 2 hours, following which 100 μL of medium from each well were
transferred into a 96-well microtiter plate. The plate was read with a Spectra Max
Gemini Plate Reader (Molecular Devices, Sunnyvale, CA) using an excitation
wavelength of 544 nm and an emission wavelength of 590 nm.
4.3.6 Cryoprotectant addition-removal: Simulations and experiments
Membrane permeability values were used in equations (1) and (2) in the
Mathematical modeling and calculations section to compute normalized cell volumes and
intracellular CPA concentrations for βTC-tet cells exposed to various concentrations of
DMSO and PD by themselves or in combination in solution. The CPAs were added and
removed in a single step or in a stepwise fashion. During stepwise CPA removal, the
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solutions contained 0.3 M mannitol as an osmotic buffer, except for the last removal step
in which isotonic culture medium was used.
Modeling results were used to design experiments involving addition and removal of
cryoprotectants from cells.

βTC-tet cells were plated in 12-well tissue culture plates

(Beckton Dickinson Labware, Franklin City, NJ) until 80% confluent.

As per the

computer simulations of CPA addition (4oC) and removal (22oC), cells were exposed to
solutions of 2.5 M and 3.0 M DMSO and PD, as well as a cocktail of 3.0 M DMSO + 3.0
M PD in a stepwise manner (during removal, the solutions contained 0.3 M mannitol to
serve as an osmotic buffer; the last removal step was isotonic culture medium). In
parallel, cells were exposed to PBS in the same stepwise addition-removal manner as the
corresponding experimental group. At the end of the process, cell viability was evaluated
with alamarBlue®.
4.3.7 Effect of cryoprotectant exposure on cell viability
βTC-tet cells were plated in a 48-well plate in 500 μL of culture medium
overnight. Before being exposed to cryoprotectant solutions, the cells were cooled by
placing the plate on ice. Solutions of 2-6 M DMSO and 2-6 M PD in PBS, as well as a
cocktail of 3 M DMSO and 3 M PD, were tested for their cytotoxic effects on βTC-tet
cells by implementing the following procedure: CPAs were added in a stepwise manner
at 4oC; cells were exposed to the final CPA concentration for 15 minutes at 4oC; and the
CPAs were then removed in a stepwise manner at 22oC (removal solutions contained 0.3
M mannitol; the last removal step was isotonic culture medium). In a positive control,
cells were exposed to PBS in the same stepwise addition-removal manner as the
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corresponding experimental group. Following CPA removal, cell viability was measured
using alamarBlue®.
4.3.8 Mathematical modeling and calculations
4.3.8.1 Membrane permeability parameters
The two-parameter model describing water and solute flux via the cell membrane
is [51]:
dVw
= − L p ART ( M e − M i )
dt

(4.1)

dN s
= Ps A( M se − M si )
dt

(4.2)

where Vw (µm3) is the volume of water inside the cell, Lp is the water permeability
(cm/sec•atm), A is the surface area of the cell (µm2), R is the universal gas constant
((µm3•atm)/(mol•K)), T is the absolute temperature (K), Me and Mi are the external and
internal osmolality (osmolal), respectively, Ns is the number of moles of permeating
solute inside the cell, Ps is the solute permeability (cm/s), and M se and M si are the
external and internal osmolalites of the permeating CPA (osmolal), respectively. Model
solutions were fit to experimental data to obtain values of the water (Lp) and solute (Ps)
permeability of βTC-tet cells using a least-squares fit (Nelder-Mead Simplex direct
routine) with the aid of Matlab (MathWorks, Natick, MA). Numerical integration was
carried out using fourth-order Runge-Kutta.

Transport across the cell membrane of the

dual solute system of 3 M DMSO and 3 M PD was modeled as a single component
system of the slower permeant, DMSO. An osmotic virial equation model was used to
account for the non-ideality of the 6 M DMSO solution osmolality as described by Elliott
et al. [147] using the quadratic form of the equation,
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π = c i + Bi c i 2 + …

,

(4.3)

where ci is the molal concentration of solute i (moles of solute per kilogram of solvent),

Bi is the second osmotic virial coefficient, taken as 0.0843 (moles of solute per kilogram
of solvent)-1 for DMSO as per Elliott et al [147].
The inactive cell volume, Vb , was determined from the Boyle van’t Hoff
relationship [7],
V = π o (V − b)
e o

1

π

+ Vb ,

(4.4)

e
where π e is the extracellular osmolality of the solution (osmolal), Vb is the osmotically

inactive cell volume (µm3) and Vo and π eo are the isotonic cell volume (µm3) and isotonic
extracellular osmolality (osmolal), respectively. βTC-tet cells were exposed to various
anisosmotic NaCl solutions, allowed to equilibrate, and then measured for their volume
using a Coulter Counter®. Extrapolation of the relative cell volume as a function of
inverse osmolality to infinite osmolality (zero on the abscissa) was used to estimate the
osmotically inactive cell volume.

4.3.8.2 Activation Energy (Ea)
The temperature dependence of the membrane permeability parameters, Lp and Ps,
can be expressed with an associated activation energy (Ea). Assuming an Arrhenius
relationship (Equation 4), the activation energy was determined by plotting ln (Lp) or ln
(Ps) against inverse absolute temperature and calculating the slope of the resulting
straight line.

L p or Ps = A exp(

− Ea
),
RT

(4.5)
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In the above equation, A is the frequency factor based on the experimental data, R is the
ideal gas constant, T is the absolute temperature and Ea is the activation energy.
4.3.9 Statistical Analysis
Statistical analyses were done using Student’s t-test (for single vs. multi-step CPA
addition and removal) and ANOVA (for cytotoxicity study).

Comparisons were

considered significant at p<0.05.

4.4 Results

4.4.1 βTC-tet cell membrane permeability characteristics
βTC-tet cells followed the Boyle van’t Hoff relationship over the osmotic range
tested, 0.201-1.00 Osm, as shown in Figure 4.1 (R2 = 0.9851). The osmotically inactive
volume, Vb, was found to be 0.184 by extrapolating the relative cell volume as a function
of inverse osmolality to infinite osmolality.

Normalized Cell Volume, V/Vo

1.4
1.2
1.0
0.8
0.6
0.4

Vb=0.184

0.2

V/ Vo = 0.224x + 0.1839
R2 = 0.9851

0.0
0

1

2

3

4

5

6

1/Osmolality (1/Osm)

Figure 4.1 Boyle-van't Hoff plot for βTC-tet cells. The data points represent normalized
volume (mean ± SE) of cells equilibrated in NaCl solutions ranging from 0.201-1.0 Osm.
The osmotically inactive volume (Vb=0.184) was found by extrapolating the
concentration of the extracellular solution to infinite osmolality. Solid line indicates a
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best fit through the data points assuming a linear relationship. n=3 for all points except
for the lowest osmolality (0.201 Osm) for which n=4.
When exposed to DMSO and PD, cells exhibited the characteristic shrink/swell
behavior in response to a hypertonic solution of a permeating solute. With both CPAs,
experiments were performed at 4, 22 and 35°C. A representative plot is shown in Figure
4.2 for βTC-tet cells exposed to 10% dimethyl sulfoxide at time 0 at 22oC. The figure
shows raw pulse data obtained by the instrument, normalized to the initial pulse
magnitude, which are proportional to the average cell volume at each particular instant of
time; the two-parameter (Lp and Ps) fit through the data is also shown. The determined
permeability parameters for each CPA at each temperature are summarized in Table
4.1A. PD was found to be more permeable than DMSO at all temperatures (p<0.055),
consistent with literature [148, 149].
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Figure 4.2 Representative plot of normalized voltage pulses vs. time generated by a
Coulter Counter upon the abrupt addition at t=0 of βTC-tet cells to a 10% dimethyl
sulfoxide solution at 22°C. Voltage pulses are proportional to cell volume, hence,
normalized pulses represent the cell volume normalized to the volume at t=0. The solid
line is the two parameter (Lp and Ps) fit through the data points.
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Activation energies for Lp and Ps were calculated assuming an Arrhenius
relationship (R2>0.94 for all cases). The corresponding calculated activation energies are
presented in Table 4.1B.
Table 4.1. A. Water (Lp) and solute (Ps) membrane permeabilities of βTC-tet cells at 4
and 22°C, mean ± SEM (standard error mean); B. Activation energies (Ea) for Lp and Ps
for each CPA.

A
CPA

DMSO

PD

(6.67 ± 0.88) x 10-4

(5.0 ± 0.65) x 10-4

Parameter

Lp (μm/atm•s)
Ps (μm/s)

4°C
(4.73 ± 0.037) x

Lp (μm/atm•s)

Temp

10-2

(3.07 ± 0.29) x 10-3

(5.81 ± 0.056) x

10-2

(4.45 ± 0.15) x 10-3

Ps (μm/s)

(1.45 ± 0.077) x 10-1 (2.32 ± 0.15) x 10-1

Lp (μm/atm•s)

(1.15 ± 0.032) x 10-2 (6.9 ± 0.015) x 10-3

22°C

35°C
(6.1 ± 1.2) x

Ps (μm/s)

10-1

(7.71 ± 0.135) x

10-1

B
Activation Energy

DMSO

PD

Lp

15.4

15.4

Ps

14.1

14.6

(kcal/mol)
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4.4.2 βTC-tet cells osmotic tolerance
To determine the osmotic tolerances of βTC-tet cells, cells were exposed to a
range of anisosmotic NaCl solutions and assessed for viability following equilibration
using the trypan blue dye exclusion method and alamarBlue®. The results from both
assays correlated well with each other. The Boyle van’t Hoff relationship (see Equation
4.4) was used to calculate the expected equilibrium cellular volume in each test solution.
Comparing these volumes with the corresponding percent viability allowed for the
determination of volume changes that the cells were able to tolerate. A cutoff value for
viability was used to determine acceptable osmotic tolerances.
Cell viability as assessed by trypan blue and alamarBlue were found to be greater
than 80% between 0.137-1.250 Osm (Figure 4.3). Cell viability dropped off significantly
beyond this range. The corresponding volume changes calculated from the Boyle-van’t
Hoff plot are +80% and -50% of the equilibrium volume, respectively.
4.4.3 Simulations and Experimental Results for addition and removal of CPAs
Computer simulations (Figure 4.4) were used to model single step and stepwise CPA
addition and removal to maintain cell volume excursions within osmotically tolerable
limits. Experiments were then carried out using the simulated addition and removal
protocols (Figure 4.5). Briefly, 2.5 M DMSO was added in 2 steps at 180 s/step and
removed in 2 steps at 90s and 240s; 2.5 M PD was added in 2 steps at 100s/step and
removed in 2 steps at 90s and 240s; 3.0 M DMSO was added in 3 steps at 180 s/step and
removed in 3 steps at 60s, 60s and 240s; 3.0 M PD was added in 3 steps at 120 s/step and
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Figure 4.3 Osmotic tolerances for βTC-tet cells. βTC-tet cells were exposed to
anisosmotic saline concentrations for 15 minutes at 4°C and 22°C, pelleted and then
returned to isotonic saline for viability assessment using trypan blue (TB) and
alamarBlue® (AB); each data point is the mean (±) standard deviation (SD) from n=5-7.
removed in 3 steps at 45s, 45s and 240s; 3.0 M DMSO + 3.0 M PD was added in 3 steps
at 240s/step and removed in 3 steps at 120s/step and finally 300s. The duration of the
steps was determined based on maintaining the cell volume changes to within their
osmotically tolerable limits. The removal steps contained 0.3 M mannitol as an osmotic
buffer but the last removal step did not contain any mannitol (i.e, isotonic, culture media).
Although membrane permeabilities and osmotic tolerances may differ between
suspended and attached cells, the simulations of Figure 4, based on parameters obtained
with suspended βTC-tet cells, were used to guide the addition and removal of CPAs from
monolayer βTC-tet cultures. Experimental results are shown in Figure 4.5. As expected,
for the lower concentrations of CPAs, single or stepwise addition and removal resulted in
high viability as the volume excursions did not surpass osmotic tolerances. However,
single step addition and removal of 3 M DMSO and 3 M PD resulted in lower cell
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Figure 4.4 Simulated volume response of βTC-tet cells during addition and removal of
(A) 2.5 M DMSO, (B) 2.5 M 1,2 propanediol (PD), (C) 3.0 M DMSO, (D) 3.0 M PD, (E)
3.0 M DMSO+3.0 M PD; solid lines indicate single step addition-removal; dashed lines
indicate multi-step addition-removal; arrows indicate the demarcation between CPA
addition and removal; (F) Simulated intracellular solute concentration of multi-step
addition and removal of 3.0 M DMSO+3.0 M PD. The horizontal dotted lines represent
the upper osmotic tolerance limits for the βTC-tet cells used in the simulations (lower
limit is below volume excursions exhibited in the simulations)
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viability compared to the multi-step approach. The largest difference between single and
multi-step addition and removal came from the use of a vitrification-relevant cocktail of 3
M DMSO+3 M PD (Figure 4.5). The single step addition and removal of this cocktail
resulted in excessive volume excursions; however, its proper stepwise addition and
removal kept the cellular volume excursions within a tolerable limit and thus enabled
higher cell survival.

Based on computer simulations, equilibration of intracellular

cryoprotectant concentrations (shown for the vitrification-relevant CPA cocktail, Figure
4F) was rapid, occurring within a few minutes; this agrees with the results of Wusteman,
et al. who found equilibration of vascular endothelial cells with 6.12 M PD to occur
within 2 minutes [149].
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Figure 4.5. Viability of βTC-tet cells, measured by alamarBlue® and normalized to
isotonic values, following single-step (filled bars) and multi-step (open bars) CPA
addition and removal; each bar graph is the mean (±) SD from n=3; * indicates statistical
difference between corresponding single and multi-step addition and removal with the
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following p-values: 3 M DMSO single-step vs. multi-step=0.0000125; 3 M PD singlestep vs. multi-step=0.000392; 3 M DMSO + 3 M PD single-step vs. multistep=0.0000489.
4.4.4 Effects of cryoprotectant exposure on insulinomas
A concentration range of DMSO and PD were studied to determine the effects of
cryoprotectant exposure on βTC-tet viability. Again, even though this experiment was
conducted with βTC-tet monolayers, the simulations of Figure 4 were used to guide the
stepwise addition and removal of the 4 M and 6 M concentrations of CPAs; addition and
removal of the CPAs at 2 M were carried out in single steps.

Cell viability decreased

with increasing CPA concentration from 2 M to 4 M and from 4 M to 6 M for DMSO,
and from 2 M to 4 M for PD (Figure 4.6). Interestingly, exposure to the CPA cocktail (3
M DMSO+3 M PD) resulted in a lower viability compared to 6 M PD; the latter was not
statistically different from the viability in 6 M DMSO. Overall, these results indicate that
under proper CPA loading and unloading, βTC-tet cells can tolerate high concentrations
of DMSO, PD or a combination of the two. This type of study is useful for selecting low
toxicity CPAs for the development of vitrification solutions.

4.5 Discussion

In this study, membrane permeabilities as well as osmotic and cytotoxic
tolerances of murine insulinomas were determined to develop a multi-step addition and
removal procedure for CPAs at vitrification-relevant concentrations. This information
helps in developing optimized cryopreservation protocols for cells by themselves and
incorporated in a tissue engineered pancreatic substitute.
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Electronic particle counters, such as the Coulter Counter®, have been used
extensively to determine water and solute permeability parameters by modeling the
transient kinetic behavior of cell volume changes in response to a step change in the
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Figure 4.6 Normalized cell viability of βTC-tet cells, measured by alamarBlue®, after
exposure to various concentrations of DMSO (black bars), PD (gray bars) and a cocktail
of 3.0 M DMSO + 3.0 M PD (white bar); values are mean ± SD normalized to controls
(using PBS only) from n=3 in each group, except with 6 M CPAs where n=5; horizontal
brackets indicate comparison between groups with the following p-values: a: 0.0011; b:
0.0025; c: 0.0064; d: 0.072; e: 0.018

concentration of a permeating CPA [24, 146, 148-150]. Values of Lp and Ps in the
presence of DMSO and PD at 22oC were found to be similar to reported values for other
cell types, including human vascular endothelial cells [149], hamster islets [151], and
human platelets [152].

As with other cells, βTC-tet cells were found to be more
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permeable to PD than DMSO [146].

Besides cell type, membrane permeability

parameters depend on temperature, CPA type, and possibly CPA concentration [146,
153]. To examine the effect of CPA concentration on the membrane permeability of
βTC-tet cells, kinetic cell volume changes to DMSO and PD were studied at room
temperature for concentration steps of 0 to 1.5 M and of 1.5 M to 3.0 M. Volume profiles
measured with the Coulter Counter® were fit to the two-parameter permeability
formulism, as before.
Membrane permeability parameters can depend on several factors, including
temperature, initial CPA concentration and cell culturing mode and organization. The
temperature dependence usually follows the Arrhenius relationship, which was also
observed in this study with insulin-producing cells.

Initial CPA concentration can

increase or decrease the membrane permeability depending on the cell and solute type
[146, 154, 155] (also preliminary data from our lab, not shown). Recent work by Elliott
et. al. [147] examined the dependence of osmolality on higher CPA concentrations by
investigating the effect of solution non-ideality in osmotic equilibrium modeling. In this
work, osmolalites from a high (6 M) CPA concentration solution was accounted for based
on their model.
Another factor that can influence membrane permeability is the organization or
attachment status of the cells. Membrane permeability for human dermal fibroblasts
reportedly differ by more than 20-fold between cells in suspension and in tissue
engineered collagen constructs (4.34x10-14m/Pa.s vs. 105x10-14m/Pa.s) [156]. Using this
factor of 20 for membrane permeability variability, CPA addition and removal
simulations were carried out for βTC-tet cells at 3 M DMSO + 3 M PD, keeping the
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addition and removal protocol the same as in the simulations of Figure 4.4. Increasing or
decreasing the permeabilites together by a factor of 20 maintained the volume excursions
within the osmotically tolerable limits (simulations not shown).

Hence, using cell

suspension-derived membrane permeabilites to design of CPA addition-removal
protocols is valuable for cell monolayers, too, as done in this study.

Currently,

measuring membrane permeability parameters for cell monolayers remains more
challenging and potentially more costly compared to cell suspensions [157].
Furthermore, cell organization may play a more significant role during cryopreservation:
it has been shown that monolayers are more prone to intracellular freezing than cell
suspensions due to cell-cell and cell-substrate interactions [158-160]. A recent study by
Pegg [159] investigated the cryopreservation of human umbilical vascular endothelial
cells as suspensions and monolayers on solid polystyrene microcarrier beads. Using the
same arbitrarily designed CPA addition and removal protocol for both cell culture
configurations, different cryopreservation protocols were tested by varying the cooling
rate and then assessed for cell recovery post-thawing. Although cell recovery was similar
between suspensions and monolayers at high cooling rates (10, 47 or 500 oC/min), it was
different at slower cooling rates (0.3 and 1 oC/min), indicating that cell culturing mode
plays a significant role in the cryopreservation outcome.
The activation energies for Lp for DMSO and PD were found to be similar to
corresponding activation energies reported for human islets for the same CPAs [49].
Also, the activation energies for Ps for DMSO and PD were similar to values reported for
human corneal keratocytes with the same CPAs [146]. In the osmotic tolerance studies,
employed viability assays were based on cell membrane permeability (trypan blue
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exclusion dye) and cell metabolic activity (alamarBlue®). It was found that the two
methods compared well with each other. Dye exlusion methods, such as trypan blue or
propidium iodide, are end-point assays that evaluate only membrane integrity, which is
indicative of necrosis or late-stage apoptosis. These assays are not sensitive to cells that
might recover after stress. Pegg et al. [24] also recognized this fact by utilizing a
functional assay for chondrocytes by measuring the ability of the cells to incorporate
inorganic

SO42- into newly synthesized sulfated glycosaminoglycans.
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Hence, dye

exclusion studies in conjunction with metabolic assays may provide more insight on
cellular status than either assay alone.
Computer simulations were used to predict cell volume excursions due to changes
in CPA concentrations, and CPA addition/removal procedures were designed that
retained cells within the osmotically tolerated domain of conditions. Moreover, CPAs
were tested for their cytotoxic effects. Although cocktails have generally been used to
reduce cytotoxicity of high CPA concentrations, this is empirical and thus may not be
generally applicable [161]. Indeed, the 3 M DMSO+ 3 M PD cocktail was found to be
more cytotoxic towards βTC-tet cells than 6 M of each CPA alone under the
experimental conditions implemented in this study (Figure 4.6). Transport across the cell
membrane of the dual-solute system of DMSO and PD was modeled as a single
component system of the slower permeant, DMSO. This is a reasonable approximation,
since equilibration of the more rapidly permeating CPA, PD, should occur first.
This study has defined the necessary parameters to cryopreserve murine
insulinomas that have been used in model tissue engineered pancreatic substitutes [10,
15].

The use of encapsulated insulin-secreting cells holds significant promise for
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effectively treating insulin-dependent diabetes, by providing a highly regulated system
that responds to environmental glucose cues. The development and characterization of
cryopreservation protocols is an integral part of making this therapeutic modality
available at a clinically-relevant scale. This includes coupling information from this
study with water and cryoprotectant transport rates through the matrix to provide the
necessary information to effectively cryopreserve all cells in a tissue engineered
construct. Although differences may arise in the osmotic behavior of cells as free in
suspension compared to those embedded in a matrix, it is anticipated that such
differences will be small or negligible, as is the case for chondrons relative to free
chondrocytes [162, 163].
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CHAPTER 5

CRYOPRESERVATION PROTOCOL DESIGN AND IMPLEMENTATION: A
CELL ENCAPSULATED SYSTEM STUDY

5.1 Abstract

Cryopreservation of hydrogel-based, encapsulated cell systems is an important
step towards their clinical availability. Due to their susceptibility to ice damage during
freezing, vitrification was explored, whereby ice crystallization was avoided during
cooling/warming. A systematic approach was undertaken to develop cryopreservation
protocols using two vitrification solutions, 3 M dimethyl sulfoxide + 3 M 1, 2
propanediol (PD) +0.3 M sucrose (DP6_0.3S) and 5.5 M PD + 1 M sucrose (55PD_1S),
by utilizing a CPA transport model that coupled experimentally determined
cryoprotectant (CPA) effective diffusivities through the extracellular space and cell
membrane permeabilities.

After determining glass transition and devitrification

temperatures of the solutions by differential scanning calorimetry, encapsulated cells
consisting of murine insulinomas in calcium alginate were vitrified and assessed over
four days for metabolic activity and compared to a conventionally frozen group achieved
by slow cooling. Vitrified and frozen groups had average post-thaw viabilities of 71, 62
and 50% for DP6_0.3S, 55PD_1M and conventionally frozen, respectively, compared to
fresh controls. Viable cell numbers of the respective groups were constant over four days
(p>0.05). Confocal microscopy images of live and dead cells assessed on days one and
four showed random distributions of live and dead cells in all cases.

Structural

assessment of the encapsulated cell systems after vitrification and conventional freezing
by compression mechanical testing showed no differences among the groups in Young’s
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moduli (p>0.05), found to be approximately 80-100 kPa. It is concluded that vitrification
of an alginate-encapsulated cell system sustained cellular metabolic activity and
maintained mechanical strength after thawing. This may offer an attractive approach
towards the clinical long-term storage of such systems.

5.2 Introduction

Cell-based therapies are an emerging area of research and clinical practice and
offer attractive approaches for treating medical conditions, such as insulin-dependent
diabetes. Long-term storage is essential for any such therapeutic product to become
clinically available. Cryopreservation is commonly used for cell banking and may be
attractive for long-term tissue preservation as well.

Despite the advantages and

applications of encapsulated cell systems, there have been limited studies on their ability
for long-term storage.

Results in the field have been mixed with a range of cell

viabilities and capsule damage after cryopreservation-thawing [88-97]. Due to the soft,
hydrogel composition of these systems, they are particularly susceptible to freezing
injury. Previous studies including results from our group indicate that ice formation from
conventional freezing results in loss of cell viability and matrix damage [42, 91]. Hence,
the avoidance of ice crystallization during cooling and thawing, accomplished by
vitrification, could maintain cellular and matrix integrity. Advantages to achieving a
glassy state both intra- and extracellulary by vitrification have been shown for a variety
of tissues including blood vessels [37], heart valves [164], kidney [165], embryos [166]
and thin articular cartilage slices [30].
To this end, initial studies using baseline vitrification solutions and
cooling/warming protocols have been applied to a tissue engineered pancreatic substitute
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[42] that has been extensively characterized in our lab [11, 14, 167, 168]. The substitute
consists of murine insulinoma cells encapsulated in calcium alginate microspheres.
Evaluating the necessary exposure times of tissue-engineered pancreatic substitutes to
various cryoprotectants provides a basis for proper design of cryopreservation protocols
to most effectively preserve these constructs. By knowing approximately how much time
is needed for each CPA to diffuse-in and out of this system, protocols can be designed to
optimize both the introduction and elution of CPAs.

This will help minimize the

cytotoxic and osmotic effects of the CPAs to the cells. By design necessity, bioartificial
tissues relying on diffusion for cellular nourishment are significantly more permeable to
solutes than natural tissues, so CPA exposure times are expected to be much lower for
artificial tissues. Because tissues and tissue-based systems vary, one general protocol
would not necessarily be optimal to preserve all tissues. Hence, by knowing how long is
takes for CPAs to enter and exit the system of interest, protocols can be modified
accordingly.
To optimize vitrification protocols, a systematic procedure was developed. In this
study, CPA transport properties at the cell level [1] and through the matrix (determined in
this study) were combined in a 3-D model of encapsulated insulin-secreting cells. Two
vitrification solutions were characterized by thermal analysis and used to vitrify the
encapsulated cell system of βTC-tet cells in calcium alginate beads. In addition to
assessing cell viability, mechanical strength of the beads was measured before and after
cryopreservation.

Together, this study describes an approach to develop optimized

cryopreservation protocols for an encapsulated cell system based on modeling and
experimentally measured parameters.
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5.3 Materials and Methods

5.3.1 Cell and Cell Culture
βTC-tet cells were obtained from the laboratory of Dr. Shimon Efrat, Albert
Einstein College of Medicine, Bronx, NY [87]. Monolayer cultures were initiated from
frozen stocks and cultured in T-flasks (Greiner Bio-One, Monroe, North Carolina USA)
in complete growth medium consisting of Dulbecco’s Modified Eagle’s Medium
(DMEM) (Sigma Chemical Co, St. Louis, MO USA) supplemented with 1% L-glutamine
(Sigma Chemical Co), 10% fetal bovine serum (Triton Biologics, Durham, NC USA) and
1% penicillin/streptomycin (Fisher Scientific, Fairlawn, NJ USA).

Cultures were

incubated in a 37°C, 5% CO2, humidified incubator. Cells were split at ratios of 1:5
when confluent and used between passage numbers of 40 and 45.
5.3.2 Fabrication of beads
βTC-tet cells were entrapped in calcium alginate as described previously [42].
Briefly, cells were detached from monolayer cultures by trypsinization using 0.05%
trypsin-EDTA (MediaTech, Herndon, VA USA) and suspended at a density of 3x107
cells/mL in 2.0% (w/v) 0.2μm-filtered sodium alginate (Pronova LVM alginate;
NovaMatrix, Norway). Alginate microbeads with entrapped βTC-tet cells were made
with an electrostatic droplet generator (Nisco Engineering AG, Zurich, Switzerland) by
adding the cell-alginate suspension in a dropwise fashion using a syringe pump into a
1.1% (w/v) CaCl2 gelling bath. Beads for the cryopreservation studies ranged in diameter
from 500 to 600 μm and were incubated with culture media in T-flasks placed on an
orbital shaker in a 37°C, 5% CO2, humidified incubator.
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5.3.3 Mathematical modeling and calculations
Multi-solute CPA transport within the encapsulated cell system was simulated
with a two-compartment model to characterize diffusion within the hydrogel matrix as
well as across the βTC-tet cell membrane.

5.3.3.1 CPA transport across cell membrane
βTC-tet membrane permeabilities for DMSO and PD were taken from previously
determined values [1].

To account for solute transport across the cell membrane, a two-

parameter membrane formalism with modications, was used [51].
Briefly, the water flux into a cell is given by

dVw
= − L p ART ( M e − M i )
dt

(5.1)

dN i
= Psi A( M ie − M ii )
dt

(5.2)

and the solute flux is given by

where Vw (µm3) is the volume of water inside the cell; Lp (μm/s•atm) is the water
permeability; A (µm2) is the surface area of the cell; R ((µm3•atm)/(mol•K)) is the
universal gas constant; T (K) is the absolute temperature; Me and Mi (osmoles/μm3) are
the total external and internal osmotic concentrations, respectively;

Mie and Mii

(osmoles/μm3) are the external and internal osmotic concentrations, respectively of the ith
solute; Ni (osmoles) is the intracellular amount of the ith solute; Psi (μm/s) is the ith solute
permeability. Me and Mi were determined using the osmotic virial equation extended for
1 or 2 solutes depending on the solution being modeled (2-solute equation given in
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equation 5.11); Mie and Mii were determined using the osmotic virial equation for a single
solute [147].

5.3.3.2 CPA transport through matrix - effective diffusivity determination
A volume of 500 μL of 2 mm alginate beads with gluteraldehyde-deactivated cells
was transferred into a 10 mm Petri dish and media was removed. The deactivated cells
were included for consistency in Deff values as deactivation prevents cell metabolism and
function, while retaining the basic elements of cell structure. Cells were deactivated
through incubation with 1% glutaraldehyde for 1 minute; the glutaraldehyde was then
removed through a series of four washes with PBS, and the dead cells were suspended at
a density of 3x107 cell/mL in sodium alginate and used to make cell-laden microbeads
(general encapsulation method described above). A volume of 5.0 mL of 2 M CPA in
0.85% NaCl was added to the beads. 50 μL samples were taken at times: 15s, 30s, 45s,
60s, 90s, 120s, 240s, 600s (with replacement, to maintain a constant volume). Time 0
sample consisted of pure 2 M CPA. In order to reduce mass transfer limitations outside
the beads, the Petri dish was put on an orbital shaker. Beads were stored in the incubator
in a T-flask on an orbital shaker until needed. Samples were put into 5 mm glass NMR
tubes (Norell, Landisville, NJ) along with 450 μL D2O (Sigma) and 100 μL acetonitrile
(Sigma), giving a total volume of 600 μL in each tube. Acetonitrile was added to each
sample to serve as an external reference. Acetonitrile was chosen because it has a sharp,
single peak and its resonance does not interfere with that of the CPAs investigated. CPA
bulk diffusivity values were determined by using the Wilke-Chang equation [169].

Processing of Results
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Samples were analyzed using 1H NMR operating at 300 MHz (Varian Mercury
Vx 300), pulse 32.4 degrees, relax delay 1s, 16 repetitions. Due to the high water content
in the samples, water was suppressed using a standard water suppression routine. In
order to analyze the spectra, the acetonitrile peak was set to 1 and the CPA peaks were
measured relative to that. CPA concentrations were found by linear interpolation using a
calibration curve of known CPA concentrations and their relative CPA to acetonitrile
peak areas.
The CPA concentration in the bulk solution was followed over time until
equilibrium was practically reached. The partial differential equations and boundary
conditions for diffusion coupled with the mass balance between the beads and solution
(assuming partition coefficient of 1) can be solved analytically for solute diffusing from
the liquid bulk into the beads initially free of solute or for solute diffusing out of the bead
into an initially solute-free bulk solution. The analytical solutions are as follows [170]:
Diffusion-In:
Cb
C bo

(

− Deff q n 2t

)

∞
6 (1 + α ) e R
α
)
=(
) (1 + ∑
2
1+α
9(1 + α ) + q n α 2
n =1
2

(5.3)

Diffusion-Out:
(

− Deff q n 2t

)

∞
6α (1 + α ) e R
1
)
=(
) (1 − ∑
2
Co
1+ α
9(1 + α ) + q n α 2
n =1

Cb

2
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(5.4)

tan q n =

3q n
3 + αq n

(5.5)

where,
Cb = concentration in the liquid bulk (mol/L)
Cbo = initial concentration in the liquid bulk (mol/L)
Co = initial concentration throughout the bead (mol/L)
Deff = effective diffusivity (cm2/s)
α = volume ratio of liquid to beads
qn = nth root of equation (5)
R = radius of bead (mm)
t=time (s)
qn values were substituted into equations 3 or 4, which were solved numerically to
obtain Cb vs. t. The solutions of equations 3 and 4 were fit to experimental data using
regression with Deff as the only adjustable parameter.
5.3.3.3 CPA transport through matrix and across cell membrane: CPA tissue
equilibration
MATLAB software (MathWorks, Natick, MA) was used to couple the CPA
concentration profiles from the two compartments (tissue matrix and βTC-tet intracellular
compartment) as determined from above.
Model Assumptions
1. No CPA reaction or consumption by the cells or matrix.
2. Uniform cell distribution.
3. Isotropic effective diffusivities throughout tissue.
4. Isothermal experimental conditions.
5. Constant cell membrane permeabilities (independent of CPA concentration,
position within the tissue and time).
6. No solute-solute interactions for multi-solute CPA transport across cell membrane
or in the tissue matrix; CPA transport is driven only by its concentration gradient.
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Mass transport through the alginate matrix (in spherical coordinates) can be
expressed as
⎛ 1 ∂ 2 ∂C
1
1
∂C 2
∂
∂C
∂C
(r
)+ 2
(sin Θ
)+ 2
= − Deff ⎜ 2
⎜ r ∂r
∂Θ r sin 2 Θ ∂Φ 2
∂t
∂r
r sin Θ ∂Θ
⎝

⎞
⎟ + rA
⎟
⎠

(5.6)

In the above equations, C=CPA concentration (mol/L); t=time (s); Deff=effective
diffusivity (cm2/s); r=radial position (cm); rA=reaction rate per unit volume (mol/L.s);

Θ=zenith angle (radians); Φ= azimuthal angle (radians); Ro=radius of the bead (cm)

Assuming angular symmetry (

∂ ∂
,
= 0 ) and that the reaction rate rA is0,
∂Θ ∂Φ

∂C
⎛ 1 ∂ 2 ∂C ⎞
(r
)⎟
= − Deff ⎜ 2
∂t
∂r ⎠
⎝ r ∂r

(5.7)

The following boundary and initial conditions apply:
i) C(r, t=0) = 0 (no CPA initially present in the bead
(5.8)
ii) C(r=R0,t) = Cexternal
(5.9)
where Ro is the bead radius (CPA concentration at the spherical surface equal to that in
the liquid bulk)
iii)

∂C
(r = 0, t ) = 0 (symmetry condition at the center of the bead)
∂r

(5.10)

The resulting second-order PDE function describing Fick’s Second Law was
solved using MATLAB’s built-in PDE solver. Addition and removal of high
concentration of CPAs were simulated in step-wise manner to minimize osmotic effects;
the input conditions for the PDE solver were different at each step. CPA diffusivities
through the alginate matrix were assumed constant and independent of local solute
concentration.

Single and multi-solute intracellular solute osmolality and cell volume
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excursion profiles for βTC-tet cells were simulated as a function of time at chosen points
within a 500 μm diameter alginate bead containing a homogeneous distribution of βTCtet cells. One of the positions considered was the center of the bead, as this is the limiting
position for solute equilibration.

In addition, a multi-solute osmotic virial equation

model was used to account for the non-ideality of the high concentration solutes in
predicting CPA osmolalities as described by Elliott et al. [147].

The osmolality

calculations relating CPA concentrations to osmotic concentrations, M e , M i , M ie , and
M ii , were used in cell volume and intracellular CPA concentration predictions in

equations 5.1 and 5.2. The osmotic virial equation for a 2-solute system can be expressed
as [147],

π = c1 + c 2 + B1 c1 2 + c1 c 2 ( B1 + B2 ) + B2 c 2 2

(5.11)

where π is the osmolality (Osm), c1 and c2 are the molal concentrations (moles of solute
per kilogram of solvent) of CPA DMSO and PD, respectively; B1, B2 are the second
osmotic virial coefficients for DMSO and PD, respectively. The virial coefficient values
for DMSO and PD were taken from [147] and are given in Table 5.3. Sucrose, a nonpermeating cryoprotectant, was a component in the removal solutions and had to be
accounted for in the model. A Deff value of 4.39 x10-10 m2/s was used in the calculations,
assuming a sucrose bulk diffusivity of 5.49x10-10 m2/s at 22oC [169] and a Deff/Do factor
of 0.8 (based on effective diffusivity values of CPAs through alginate).
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5.3.4 Thermal Characterization of Vitrification Solutions using Differential Scanning
Calorimetry (DSC)
Unless otherwise stated, all chemicals were purchased from Sigma Chemical
Company (St. Louis, MO USA). The solutions used for vitrification consisted of 5.5 M
1,2 propanediol (PD) + 1 M sucrose (referred to as 55PD_1S) and 3 M dimethyl
sulfoxide (DMSO) + 3 M PD + 0.3 M sucrose (referred to as DP6_0.3S) in a modified
Euro-Collins carrier solution (34.95 g/L dextrose, 0.84 g/L sodium bicarbonate and 1.12
g/L potassium chloride). Between 10-12 mg of each solution was put into DSC pans
(Perkin-Elmer, USA) and sealed. The phase transition temperatures and heat flow of the
solutions were measured during warming by differential scanning calorimetry (Diamond
DSC, Perkin-Elmer, USA). Each run had a sample pan and an empty pan as reference.
The samples were cooled rapidly at 100oC/min from room temperature down to -130oC.
The samples were held for two minutes to allow for thermal equilibration and then
warmed between 5-10oC/min. The glass transition temperature, Tg, was determined as
the midpoint of a jump in heat flow; the devitrification temperature, Td, was selected
from the peak of the exothermic event of the thermogram.
5.3.5 Vitrification and Conventional Freezing: CPA Addition-Removal, Cytotoxicity and
Cryopreservation
The solutions used for vitrification consisted of 5.5 M PD + 1 M sucrose and 3 M
dimethyl sulfoxide DMSO + 3 M PD+0.3 M sucrose. The equilibration times and
number of steps needed to safely load and remove the vitrification solutions were derived
based on the two-compartment model as described above. Following these protocols, cell
viability was determined. In addition, a study was done to measure the cytotoxicity of
the solutions.
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For vitrification, CPA solutions were added stepwise, and after addition of the
final vitrification solution, encapsulated constructs were cooled in 20 mL glass
scintillation vials (Kimble Glass Inc., Vineland, NJ) as follows: i) For DP6+0.3 M
sucrose, samples were cooled rapidly (100°C/min) to -100°C by immersion into a precooled isopentane bath (Fisher), followed by slow cooling (10°C/min) to -135°C by
moving the samples out of the isopentane bath and into the vapor phase of LN2. To
monitor the temperature, a thermocouple was inserted into a separate dummy sample of
the same vitrification solution and its output was tracked via a digital thermometer
(Omega) in parallel. Samples were held at this temperature for 5-10 minutes and then
thawed in two stages: first, a slower warming to -100°C (30°C/min) and then rapid
warming (225°C/min). The slower warming rate was achieved by moving the vials higher
up in the LN2 vapor phase and the fast warming rate was generated by placing the glass
vials in a 37oC water bath. ii) For 5.5 M PD + 1 M sucrose, samples were cooled rapidly
(100°C/min) to -85°C, followed by slow cooling (10°C/min) to -135°C. Samples were
thawed in two stages: first, a slower warming to -85°C (30°C/min) and then rapid
warming (225°C/min) in a 37oC water bath. Following the last step of CPA removal,
encapsulated cell constructs were incubated with culture media in T-flasks placed on an
orbital shaker in a 37oC, 5% CO2, humidified incubator. In addition, one of the solutions,
3 M DMSO+3 M PD+0.3 M sucrose, was investigated in more depth. Three sub-optimal
protocols were carried out by modulating the exposure times and number of steps.
Vitrified-thawed samples were cultured and assessed for cell viability over time via
alamarBlue®. In these groups, i) the number of steps were reduced so that volume
excursions experienced by the cells would be greater and approach their osmotic
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tolerances (group called Vit DP6_0.3S Nonopt: Vol); ii)

at the end of optimized,

stepwise addition, the full strength solution was left for 15 minutes, the specimen
vitrified-thawed, and CPA removed stepwise; thus the cells experienced CPA cytotoxic
effects due to prolonged exposure (group called Vit DP6_0.3S Nonopt: Cyto); iii) the
third group was a combination of i) and ii) where the cells experienced higher volume
excursions and CPA cytotoxic effects (group called Vit DP6_0.3S Nonopt: Vol+Cyto)
These non-optimal groups served as various negative controls and provided information
on the sensitivity of an addition and removal protocol towards cell viability in fast CPA
diffusing, hydrogel-based systems.

The CPA addition-removal protocols used are

summarized in Table 5.1.

Table 5.1 Optimized and sub-optimal cryopreservation protocols used for
vitrification of encapsulated βTC-tet cells. A. optimized protocol used for 3 M
dimethyl sulfoxide (DMSO) + 3 M 1,2 propanediol (PD) + 0.3 M sucrose; B.
optimized protocol used for 5.5 M PD + 1 M sucrose; C. Sub-optimal protocol used
for 3 M DMSO + 3 M PD + 0.3 M sucrose; CPA=cryoprotectant, M=molarity;

A
Step

[CPA]

[Sucrose]

Time

Temperature

(M)

(M)

(s)

(oC)

1

2

0

120

4

2

4

0

120

4

3

6

0.3

60

4

4

4

0.2

120

22

5

2

0.15

120

22

6

1

0.075

120

22

7

0

0

300

22
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Table 5.1 (continued)

B
Step

[CPA]

[Sucrose]

Time

Temperature

(M)

(M)

(s)

(oC)

1

1.83

0

120

4

2

3.67

0

120

4

3

5.5

1

60

4

4

4

0.2

120

22

5

2

0.15

120

22

6

1

0.075

120

22

7

0

0

300

22

C
Step

[CPA]

[Sucrose]

Time

Temperature

(M)

(M)

(s)

(oC)

1

2

0

120

4

2

6

0.3

120

4

3

4

0.15

30

22

4

0

0

300

22

Conventional cryopreservation was used as the frozen control [42]. Briefly, encapsulated
cell constructs were initially immersed for 5 minutes in complete growth medium
containing 1.4 M DMSO at 4°C in cryovials (Nalgene, Nalge, Rotherwick, UK). Samples
were then cooled at a controlled rate of 1.0°C/min to -80°C and finally transferred to
liquid nitrogen for storage. Thawing was accomplished by immersing the containers in a
water bath controlled at 37oC until all ice had visibly disappeared. Consequently, the
DMSO was removed from the beads in a one-step removal with DMEM. Following the

81

last step of CPA removal, encapsulated cells were incubated with culture medium in Tflasks placed on an orbital shaker in a 37oC, 5% CO2, humidified incubator.
For the cytotoxicity study, CPAs were added in a stepwise manner; beads were
exposed to the final CPA concentration for 5, 10 or 15 minutes; and the CPAs were then
removed in a stepwise manner.

In a positive control, cells were exposed to 1X

EuroCollins in the same stepwise addition-removal manner as the corresponding
experimental group. Following CPA removal, cell viability was measured by
alamarBlue®.
5.3.6 Mechanical testing of cryopreserved encapsulated cells
Uniaxial compression was performed to measure the mechanical properties of 2%
calcium alginate beads with a Bose ElectroForce® 3100 (EnduraTec, Inc., Eden Prairie,
MN USA) after cryopreservation. The compression of non-adhesive elastic spheres
between two parallel flat platens has been described by Hertz’s theory and shown to be
valid for small deformations between 0-10% [171, 172]. When an elastic spherical body
is subjected to an applied contact normal load (P), contact will occur on the spheresubstrate interface, described by
1/ 3

⎛ 3RP ⎞
az = ⎜
⎟
⎝ 4E * ⎠

(5.12)

where az is the radius of the contact zone, E* is the contact modulus and R is the effective
radius. For an elastic sphere in contact with a platen, the Young’s modulus of the rigid
flat platen tends to infinity, and the contact modulus, E*, corresponds to the plain strain
modulus of the sphere, comprised of ν and E, where ν is Poisson’s ratio, assumed to be
0.5 [151], and E is Young’s modulus. The dimensionless approach, a*, or compressive
displacement normalized to the size of the sphere, can be expressed by
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1/ 3

3/ 2

a*

⎛ 3P(1 − v 2 ) ⎞
⎟⎟
= ⎜⎜
2
4
ER
⎝
⎠

(5.13)

Force (P) vs. dimensionless approach (a*) characteristics of cryopreserved cellfree and cell-encapsulated alginate beads were determined by compression between two
rigid parallel plates to calculate Young’s modulus using equation 5.13. A schematic of
the setup is shown in Figure 5.7A. A compression rate of 0.01 mm/s was used on 1.3 ±
0.1 mm alginate beads with a 0.5 N load cell (ULC-0.5, Interface Inc., Scottsdale, AZ).
Five beads were tested for each treatment group, performed in triplicate (total of 15 beads
per group) and carried out under ambient conditions, 22oC. This larger bead size was
used for mechanical testing due to difficulty in loading and testing of smaller samples.
Beads were vitrified and conventionally frozen as described above. Similar optimized
protocols were used but with modified exposure times (four minutes per step instead of
two minutes) to reflect the increased bead diameter. Cell-free beads were processed in
the exact same way as those with cells. After cryopreservation, all treatment groups were
transferred into culture flasks with culture medium and placed on an orbital shaker in a
37oC, 5% CO2, humidified incubator.

Compression measurements were carried out

within a few hours of treatment. The average Young’s modulus and standard deviation
were reported for each condition.
5.3.7 Cell viability measurement
The alamarBlue® (BioSource International, Inc.) assay were used to assess the
cell viability of the encapsulated beads pre- and post- cryopreservation as described
previously [42]. Briefly, 100 μL of beads, 100 μL alamarBlue® and 1 mL DMEM were
placed into a 24- well plate. Controls were also used in which 100 μL alamarBlue® and
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1 mL DMEM were placed into the wells. After proper mixing, the 24- well plate was
placed into a 37˚C/5% CO2 incubator for 3 hours. Following incubation, 100 μL of
medium from each well, including controls, were placed into a 96-well microtiter plate
for reading. The plate was read with a Spectra Max Gemini Plate Reader using an
excitation wavelength of 544 nm and an emission wavelength of 590 nm.
Confocal microscopy was used on days 1 and 4 post-cryopreservation to visualize
the distribution of living and dead cells within the alginate beads with the LIVE/DEADTM
kit (Molecular Probes Inc). This cell viability assay uses calcein AM and ethidium
homodimer, two fluorescent probes, which measure intracellular esterase activity and
plasma membrane integrity, respectively, to indicate living and dead cells. The kit was
used as per the manufacturer’s suggested protocol. Briefly, 20μL of the supplied 2 mM
ethidium homodimer stock solution and 5 μL of the supplied 4 mM calcein stock solution
were mixed into 10 mL of 1x PBS. Beads were incubated with the solution for 30-45
minutes in the dark at room temperature. Following incubation the beads were rinsed
twice in 1x PBS and visualized. Calcein was viewed with a fluorescein optical filter, 485
nm; ethidium homodimer was viewed with a rhodamine optical filter, 530 nm. Viable
cells appeared green and dead cells red.
5.3.8 Statistical Analysis
Statistical analyses were done using ANOVA and Tukey’s post-hoc (Minitab
Release 14.11) to determine effects of treatments.
significant at a level of p<0.05.
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Comparisons were considered

5.4 Results

5.4.1 CPA transport
Figure 5.1A shows a typical proton spectrum of PD obtained in the presence of
the external reference, acetonitrile.

1

H NMR was used as an offline assay tool to

determine the CPA concentration in the bulk at various time points with a calibration
curve (inset in Figure 5.1A). Figures 5.1B and 5.1C show the bulk PD concentration
during diffusion-in and out of beads, respectively.

Based on the bulk concentration

profiles, the effective diffusivity of the CPAs through the alginate matrix were
determined, and are reported in Table 5.2. As expected of small molecular weight solutes
diffusing through alginate, the diffusion of the CPAs examined was fast, equal to 76 % to
90% of that in free solution.
5.4.2 Vitrification solution thermal analysis
Figure 5.2 shows the heat flow vs. temperature profiles during the warming of the
two vitrification solutions, DP6_0.3S and 55PD_1S, from -130 to -30oC.

Solution

DP6_0.3S was found to have a Tg of -116oC and a devitrification temperature of -58oC
(Figure 5.2A). Solution 55PD_1S had a glass transition temperature of -100oC and no
observable devitrification event (Figure 5.2B). Moreover, no ice formation was observed
macroscopically during cooling or warming of these solutions in glass vials using the
cooling/warming protocols described in the Materials and Methods section.
5.4.3 CPA transport modeling and cryopreservation experiments
Figure 5.3 shows computer simulations of volume excursions and intracellular
CPA concentration using multi-step addition and removal schedules.

The number and

duration of each ‘optimized’ step was such that the volume excursions were within the
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Figure 5.1 A. Typical 1H NMR spectrum of CPA and acetonitrile used to
determine CPA concentrations with a calibration curve (inset); representative data
and modeling for B. diffusion-in and C. diffusion-out of 2 M PD at 22°C from
alginate beads containing inactivated βTC-tet cells

osmotic tolerances of βTC-tet cells [1]. Using the minimum exposure time at each step
to attain intracellular CPA equilibration, approximately 80% cell viability for both
vitrification solutions was obtained (Figure 5.4). The cytotoxic effects of the solutions
were investigated by implementing the following procedure: CPAs were added in a
stepwise

manner

at

4oC;

beads

were
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exposed

to

the

final

CPA

Table 5.2 CPA diffusivities through alginate-encapsulated, inactivated βTC-tet cells
and CPA diffusivities through cell-free alginate expressed relative to diffusivities in
bulk solution (Deff/Do) at room temperature; Davg is the average of 3 single fit curves
through the experimental data.
Measured Diffusivity

Bulk Diffusivity

Davg ± s.d.

Do

x10-5 (cm2/s)

x10-5 (cm2/s)

DMSO

1.35 ± 0.18

1.62

0.83

PD

0.926 ± 0.112

1.22

0.76

BD

0.753 ± 0.0904

0.85

0.89

EG

0.947 ± 0.116

1.18

0.80

DMSO

1.38 ± 0.153

1.62

0.85

PD

0.96 ± 0.125

1.22

0.79

BD

0.692 ± 0.088

0.85

0.81

EG

0.873 ± 0.125

1.18

0.74

CPA

Deff/Do

Diffusion-In

Diffusion-Out

Table 5.3 Values of model parameters used in this study
Parameter
Lp (DMSO); Lp (PD) at
22oC
Lp (DMSO); Lp (PD) at 4oC
Ps (DMSO); Ps (PD) at
22oC
Ps (DMSO); Ps (PD) at 4oC
o

Deff (Sucrose, 22 C)

Value

Units

Source

3.07 x 10-3 ; 4.45 x 10-3

[μm/s.atm]

[1]

6.67 x 10-4 ; 5.0 x 10-4

[μm/min.atm]

[1]

1.45 x 10-1 ; 2.32 x 10-1

[μm/s]

[1]

4.73 x 10-2 ; 5.81 x 10-2

[μm/s]

[1]

2

[m /s]

[169]

0.0843

[mol/kg]-1

[147]

0.0576

[mol/kg]-1

[147]

4.39 x 10

-10

nd

B (2 virial coefficient)
(DMSO)
B (2nd virial coefficient)
(PD)
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A

Tg= -116oC
Td= -58oC

B

Figure 5.2 DSC thermograms during warming at 5oC/min of vitrification
solutions. A. 3 M DMSO + 3 M PD + 0.3 M sucrose; B. 5.5 M PD + 1 M
sucrose; Tg=glass transition temperature; Td=devitrification temperature;

concentration for 5 or 15 minutes at 4oC; and the CPAs were then removed in a stepwise
manner at 22oC. In a positive control, cells were exposed to 1X EC in the same stepwise
addition-removal manner as the corresponding experimental group. Following CPA
removal, cell viability was measured using alamarBlue®, a non-invasive metabolic
function indicator, and normalized to fresh controls. Although there was no difference in
viabilities between the two groups of solutions after 5 minutes of exposure at full
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Figure 5.3 Simulated cell volume excursions and intracellular CPA
concentrations at the center of 0.5 mm beads for two vitrification
solutions; A and B are optimized and sub-optimal protocols used for 3 M
DMSO + 3 M PD + 0.3 M sucrose, respectively; C is an optimized
protocol used for 5.5 M PD + 1 M sucrose; osmotically tolerable limits
for βTC-tet cells were 0.50 to 1.8 of V/Vo, with Vo being the isotonic,
equilibrium volume (Mukherjee et al 2007).

strength, there was a difference at 15 minutes, with DP6_0.3S being more toxic to the
cells than 55PD_1S.
Once it was established that the vitrification solutions could be added and
removed from the beads safely, the beads were vitrified. This resulted in average postthaw survival of 71% and 62% for DP6_0.3S and 55PD_1S, respectively, relative to fresh
controls (Figure 5.5).

The viability, as measured by the metabolic indicator

alamarBlue®, was constant over four days of culturing post-thaw for both groups
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(p>0.05). Another group of beads was also cryopreserved by conventional freezing with
10% DMSO and slow freezing. The post-thaw viability was approximately 50% after

Normalized
Cell Viability
Cell Viability
(%) (%)

100

*

80

*

5.5 M PD
3 M DMSO + 3 M PD

**

60
40
20
0
A-R 0 min

A-R 5 min

A-R 15 min

Figure 5.4 Normalized cell viability of alginate encapsulated βTC-tet cells
in vitrification solutions after CPA cytotoxicity testing. CPAs were added
in a stepwise manner at 4oC, exposed to the full strength solution for 5 or
15 minutes, and then removed from the beads in a stepwise manner;
viabilities are reported as normalized values to fresh controls, where beads
were exposed to 1X EuroCollins carrier solution using the same protocol as
the corresponding experimental group; black bars are for solution
55PD_1S; white bars are for solution DP6_0.3S; bars represent avg ± s.d.
from n=3; * indicates statistical difference at p<0.05.

thawing and stayed constant over culture time (p>0.05) (Figure 5.5). In addition to the
optimized protocols, a set of negative control studies were done, with one of the
vitrification solutions (DP6_0.3S), by intentionally employing sub-optimal vitrification
protocols. In the first such protocol, ‘Vit DP6_0.3S Nonopt: Vol’, the number of addition
and removal steps was shortened to increase cellular volume excursions; the protocol
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used is in Table 5.1C and the corresponding volume excursions and intracellular solute
concentration profiles are shown in Figure 5.3B. The resulting viabilities were indeed
lower than the corresponding optimized protocols, but consistent around 50% over the
culture period (Figure 5.5). In the next sub-optimal group, ‘Vit DP6_0.3S Nonopt: Cyto’,
CPA was added to the beads, held for 15 minutes at full strength, the beads were vitrified
and thawed, and then the CPA was removed. The resulting viabilities were 30% postthaw and not different over culture time (p>0.05), shown in Figure 5.5. The last suboptimal group (‘Vit DP6_0.3S Nonopt: Vol+Cyto’) was a combined protocol from the
previous two, incorporating both increased volume excursions and cytotoxicity. As
expected, the viability was low, at around 25%, and stayed this way over the four days of
culture (p>0.05), as shown in Figure 5.5. The pairwise comparison between experimental
groups for each day of culture are reported in Table 5.4 In addition to overall viability
data, a qualitative visual assessment of live and dead cells was attained using the
LIVE/DEAD® assay (Figure 5.6). The fresh controls, optimized protocols, the suboptimal combined protocol and conventionally frozen beads were assessed.

The

quantitative viability data is corroborated with the confocal images of live and dead cells,
with the greatest number dead cells present in the combined, sub-optimal group. Also,
cell growth within the beads among all the groups is evident between day 1 and day 4 of
assessment, post-thaw.
5.4.4 Mechanical testing of cryopreserved encapsulated cells
Using Hertz’s theory, Young’s moduli, or stiffness of alginate beads, were
determined after vitrification and conventional freezing in the presence and absence of
cells by compression testing using the setup shown in Figure 5.7A. Figure 5.7B shows a
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typical force vs. dimensionless approach profile for a bead during compression with the
measured force increasing with approach. Young’s moduli were not statistically different

Cell Viability (%)
Normalized Cell Viability (%)

100

Vit DP6_0.3S Opt
Vit DP6_0.3S Nonopt: Vol
Vit DP6_0.3S Nonopt: Cyto 15 mins
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Vit 5.5 M PD_1S Opt
Conventional Freezing
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Figure 5.5 Normalized cell viability, measured by alamarBlue®, of
alginate-encapsulated βTC-tet cells after cryopreservation using optimized
and intentionally sub-optimal protocols; bars represent avg ± s.d. from n=4.
Statistical differences are reported in Table 4. No statistical difference was
found over culture time for each group (p>0.05)

(p>0.05) between fresh, vitrified, and frozen alginate beads containing encapsulated cells;
moduli were found to be between 70-110 kPa (Figure 5.7C). Moreover, no differences in
Young’s moduli were found between cell-laden and acellular beads across control and
cryopreserved groups.

However, there was a statistical difference between fresh and

frozen acellular beads compared to 55PD_1S vitrified acellular beads
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Table 5.4 Pairwise comparisons between experimental groups for each
day of culture using ANOVA and Tukey’s post-hoc; * denotes p<0.05;
A=DP6_0.3S Optimized; B=Vit DP6_0.3S Nonopt: Vol; C=Vit DP6_0.3S
Nonopt: Cyto; D=Vit DP6_0.3S Nonopt: Vol+Cyto; E=55PD_1S
Optimized; F=Conventional freezing;
A

B

C

D

E

F

-

*

*

*

p>0.05

*

-

*

*

p>0.05

p>0.05

-

p>0.05

*

*

-

*

*

-

p>0.05

Day 0
A
B
C
D
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A

-

B
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*

*
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*

*

-

*

*

-
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(p<0.05).

The viabilities of the larger cell-encapsulated beads used for mechanical

testing after cryopreservation were similar to values for the smaller beads reported in
Figure 5 (data not shown).

Opt DP6_S

Vol_Cyto
DP6_S

Opt 55PD_S

Frozen

DAY 4

DAY 1

Fresh

Figure 5.6 Confocal micrographs of cryopreserved-thawed alginate
encapsulated βTC-tet cells at Day 1 and 4 post-preservation using the
LIVE/DEADTM assay.
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Figure 5.7 A. Schematic of bead mechanical testing setup; B. Typical
force vs. dimensionless approach profile for compressing alginate beads;
C.Young’s moduli of fresh and cryopreserved alginate beads using
compressive mechanical testing; bars represent avg ± s.d. from n=3, with
five beads tested in each trial; no statistical difference was found between
acellular and cellular for each group and across cellular bead groups
(p>0.05); statistical difference was found between fresh-acellular, frozenacellular vs. 55PD_1S-acellular (p<0.05)

5.5 Discussion

This study examined the cryopreservation of encapsulated, insulin-secreting cells
by vitrification after using a 3-D CPA transport model for proper delivery and removal.
NMR was used offline to evaluate diffusivities of CPAs by measuring bulk CPA
concentrations. The results of this study suggest that 0.5-0.6 mm alginate-encapsulated
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cells need only be exposed to a CPA for 2-3 min for equilibration during each diffusionin or diffusion-out step. This is anticipated as the effective diffusivities of the CPAs were
found to be 76 to 90% of that in free solution. This is in general agreement with others
examining the diffusion of small molecular weight, nonelectrolytic molecules through
alginate and other hydrogels, reported as Deff/Do: glucose (180 Da), 0.91-1.0 through 2%
alginate [16, 173], 0.96 through 3% alginate [174], and 0.78 through 2% agarose [175];
sucrose (342 Da), 0.84-0.89 for 3% alginate [174]; oxygen (32 Da), 0.70 for 2% agar
[176]. A few studies examining cryopreservation of 100-450μm diameter collagenencapsulated cells used between 2-5 minutes per step for CPA addition and removal [91,
96]; however, the authors did not explain how these times were determined.
The two-compartment mathematical model used in this study is useful for
rationally designing CPA addition and removal protocols for a 3-D tissue. This model
accounted for transport through the extracellular matrix and across the cell membrane,
multi-component CPA transport and CPA osmotic non-idealities – issues present in high
concentration, vitrification solutions.

After cryopreservation of encapsulated cells,

spatial distribution of dead cells in beads, as assessed by confocal microscopy, were
random (Fig 5.6).

This is in contrast to, for example, articular cartilage where

chondryocyte survival has been limited to the superficial [22, 124] or both superficial and
deep zone layers, but not the intermediate zone [124]. In the cartilage case, this may be,
in part, due to insufficient CPA equilibration throughout the tissue, resulting in ice
formation during cooling and/or thawing and cell death. This did not seem to be the case
for the hydrogel bead system studied.
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Two vitrification solutions were characterized by DSC to measure the glass
transition temperature (Tg) and devitrification temperature (Td). To avoid ice formation,
fast cooling was applied past Td and then slowly through Tg to minimize cracking and
thermomechanical stresses. Similar approaches have been applied for vitrifying large
volumes of VS55 and/or 3 M DMSO + 3 M 1,2 propanediol (DP6) [37, 42, 177]. The
determined glass transition for DP6_0.3S in this study was -116oC, a reasonable value, as
DP6 without sucrose has been reported to have a Tg of -119oC [177]; and studies have
shown that Tg values of CPA solutions increase in the presence of and with increasing
concentrations of sugars [178-180]. Rabin and coworkers [177] as well as (unreported)
results in our lab have observed crack formation during cooling with DP6. However, the
addition of sucrose to the formulation used in this study augmented glass formation, a
general observation supported by others [178, 181], and led to no observable cracks
during cooling or devitrification during thawing.

The second vitrification solution

investigated, 5.5 M 1,2 propanediol + 1 M sucrose also formed glasses readily with no
devitrification. Tg for this solution was found to be -100oC, a reasonable value for a PDbased CPA solution with sucrose, as Tg of PD-water solutions are around -110oC [31, 36,
182]. Similar CPA formulations, such as 5.5 M EG (ethylene glycol) + 1 M sucrose and
2.6 M EG + 2.1 M PD + 0.5 M sucrose, have been used to vitrify human oocytes [56] and
bovine oocytes [57], respectively.
Compression mechanical testing was conducted on cellular and acellular beads.
Average moduli values ranging from 70-110 kPa in this study agree with values reported
by others for 2% sodium alginate: 105kPa [183], 89kPa [184, 185], and between 50-100
kPa [186]. Moreover, a few studies also observed that compressive moduli were not
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affected by the presence of cells at concentrations of 2-4x106 cells/mL alginate [186,
187]. Maintaining intact beads post-cryopreservation is an important aspect to ensuring
their success in vivo [188].
This study examined the rational design of cryopreservation protocols for
hydrogel-based encapsulated cells using different vitrification solutions. Continued work
in this area from our lab suggests vitrification as a potential approach to the successful
cryopreservation of such systems, maintaining cellular function as well as matrix
integrity. The methodology used to develop cryopreservation protocols from this study
are clearly extendable to other tissue system of cells encapsulated in hydrogels of
different composition and geometry.
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CHAPTER 6

CRYOPRESERVATION OF ENCAPSULATED MURINE AND HUMAN
EMBROYONIC STEM CELLS FOR BIOPROCESS ENGINEERING33

6.1 Abstract

Stem cell-based strategies for regenerative therapies are an emerging area in
medicine. A key area in the development of stem cell bioprocessing to produce clinically
relevant cell numbers is long-term storage, or cryopreservation.

This study examined

cryopreservation of alginate-encapsulated murine and human embryonic stem cells
(mESCs and hESCs, respectively) in 3-D alginate beads. Freezing protocols to preserve
encapsulated mESCs, though established and applied for mESC cell suspensions, have
not been previously studied. Generally due to low recovery rates of suspended hESC
colonies after cryopreservation, a hESC colony was entrapped in alginate to investigate
any protective role encapsulation may provide during freezing. With both cell types, it is
envisioned that a 3-D alginate system would be suitable for ESC expansion, EB
formation and tissue-specific terminal differentiation as well as allow automation and
optimization as a bioprocess.

Post-thaw cell growth kinetics of slowly frozen

encapsulated mESCs revealed cell numbers returning to fresh control levels after
cryopreservation over several days. In addition, gene expression measured by RT-PCR
revealed pluripotent cells that expressed various germ-layer markers following EB
formation. However, the beads incurred structural damage to the matrix. A two-step

3

Work was performed at Imperial College London in collaboration with the Biological Systems
Engineering Laboratory (BSEL).
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freezing protocol retained cell viability compared to fresh controls, as determined by
trypan blue and fluorescence microscopy, as well as maintained matrix structural
integrity. In addition, storage of beads at -80oC and liquid nitrogen were found to give
similar results over a short storage period.

After showing that the process of

encapsulation did not affect cell viability, a slow cooling protocol used to cryopreserve an
encapsulated hESC colony resulted in some viable cells. Despite expected damage to the
alginate matrix and cell death due to ice formation, encapsulation of the hESC colony
showed encouraging results against an unoptimized, slow cooling protocol.

6.2 Introduction

Embryonic stem cells hold great promise for cell-based therapies, regenerative
medicine and fundamental research due to their self-renewal potential and ability to
differentiate into any cell type [99-102]. ESCs are isolated from pluripotent cells of the
developing blastocyst, and when implanted in vivo, they have been shown to differentiate
into bone, cartilage, muscle and epithelium [103]. Despite this tremendous therapeutic
potential, a major challenge to ensuring this becomes clinically available is long-term
storage.

Generation of clinically-relevant cell numbers and differentiation of

homogenous cell populations would need to be tightly regulated, and long-term storage
would be a critical aspect to this bioprocess. Successful storage would allow for the
creation and sustenance of cell and tissue banks, inventory and sterility control, and
shipment of samples.
The use of entrapped ESCs in 3-D alginate beads is an attractive system that can
potentially promote ESC expansion, embryoid body (EB) formation and terminal
differentiation. This would be valuable for tissue engineering applications, such as
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skeletal engineering, for the formation of bone. Using bioreactors, this system would
allow for automation and optimization of a bioprocess to yield adequate cell numbers for
clinical therapies [17, 18].

For example, batches of encapsulated ESCs could be

expanded up to a specific cell density and then cryopreserved. After thawing, they would
be driven towards EB formation and down a specific tissue lineage.

Alternatively, the

beads could be cryopreserved further downstream in the bioprocess, after expansion and
EB formation, and then driven towards terminal differentiation after thawing.
Cryopreservation of murine embryonic stem cells (mESCs) has been successfully
achieved and well established, similar to methods used to cryopreserve commonly used
cell lines [104]. This usually includes the use of low concentration cryoprotectants (1-2
M), such as dimethyl sulfoxide (DMSO) and ethylene glycol (EG), which are added to
the single cell suspension and cooled in a cryovial at a slow cooling rate (1 to 5oC/min)
down to -80oC and then plunged into liquid nitrogen. Samples are thawed rapidly in a
37oC water bath, CPA is then removed typically in a single-step by dilution in culture
media and after centrifugation the cells are returned to culture flasks. This typically
results in over 80% cell survival and the cells remain undifferentiated [104].
Unfortunately, human embryonic stem cells (hESCs) that are cryopreserved with this
slow cooling, rapid thaw approach suffer from low viability and spontaneous cell
differentiation. It is believed that intimate physical contact and cell-cell signaling are
essential for hESC survival and pluripotency [105-108]. Due to this need for cell-cell
association, it is thought that successful cryopreservation of hESCs would be as cell
colonies, not single cell suspensions such as for mESCs [106].

Challenges with

cryopreservation of cell aggregates include ensuring adequate CPA equilibration
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throughout the cell cluster, while minimizing CPA cytotoxicity for the outermost cells;
and ice formation that may occur during freezing that can damage the gap junctions and
other cell-cell connections that are required for normal hESC function.

Indeed studies

employing slow cooling for cryopreservation of hESCs colonies have resulted in very
poor post-thaw survival, generally 10-20%, with often times the cells becoming
differentiated [107, 109-112]
Due to the damaging effects of ice formation, vitrification, or ice-free
cryopreservation, is an attractive approach for long-term storage of hESCs. Using a
combination of high concentration cryoprotectants and rapid cooling and thawing rates,
ice crystallization can be avoided and instead achieve an amorphous glass. Studies
applying vitrification have reported higher hESC survival, greater than 75%, than
conventional slow freezing [111-113]. Moreover, these studies demonstrated that a large
proportion of post-thawed cells remained undifferentiated, though colony size and growth
were reduced compared to fresh controls.
In addition to vitrification, cell entrapment in gels may offer protection during
cryopreservation that might otherwise be absent to naked cells. Hepatocytes that were
cryopreserved in alginate hydrogels or sandwiched in between collagen had higher
viabilities and metabolic function than their cryopreserved cell suspension counterparts
[93, 114, 115]. In addition, tissue culture plate adherent hESC colonies that were coated
in Matrigel and slowly cooled led to improved viability and less cell differentiation than
hESC cryopreserved as colonies on culture plates without Matrigel (3x105 viable
cells/plate vs. 0.2x105 viable cells/plate).
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In this study, encapsulated mESCs were cryopreserved with two different
protocols with one evaluated in more detail for viability, pluripotency and EB formation
potential. One cryopreservation protocol (protocol A) was found to structurally damage
the integrity of the alginate matrix while the other protocol (protocol B) appeared to keep
the beads intact.

Also, a preliminary study was carried out in which hESCs were

encapsulated in alginate and cryopreserved by slow cooling/rapid thawing. Qualitative
microscopy data indicated that some cells in the colony survived, and based on the
generally low recovery rates of hESC colonies after freezing, encapsulation may offer an
attractive approach for hESC long-term storage.

6.3 Materials and Methods

6.3.1 Cell Culture
The murine embryonic stem cell (mESC) line, E14/Tg2α (Tg2α; ATCC,
Manassas, VA), was cultured in the absence of feeder cells in tissue-culture flasks
precoated with 0.1% (v/v) gelatin mixed in phosphate-buffered saline (Sigma, UK).
Maintenance medium was composed of Dulbecco’s Modified Eagle Medium (DMEM;
Gibco, UK) supplemented with 10% (v/v) fetal bovine serum (Gibco), 1% (v/v)
penicillin/streptomycin (Gibco), 1 mM L-glutamine (Gibco), 0.1 mM β-mercaptoethanol
(Sigma), and 1000 U/mL of leukemia inhibitory factor (LIF; Chemicon, USA). The
cultures were maintained at 37°C in a 5% CO2 humidified incubator.

The human

embryonic stem cell line (hESC) SA-001 was obtained from Cellartis (Cellartis AB,
Goteborg, Sweden) and cultured using their protocol. Briefly, hESCs were cultured on
mouse embryonic fibroblasts (MEFs)-feeder cells seeded at 45,000 cells/cm2 in a 6-well
dish (Nunc) using VitroHESTM culture media (Vitrolife Sweden AB) supplemented with
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bFGF (Invitrogen, UK). The cultures were maintained at 37°C in a 5% CO2 humidified
incubator and media were changed every 2-3 days.
6.3.2 EB formation
mESCs were trypsinized using 0.25% trypsin-EDTA (Gibco) to release the
colonies. After adding serum containing media, cell colonies were very gently
centrifuged at 600 rpm for 1-2 minutes and resuspended in pre-warmed alpha Minimal
Essential Medium (Gibco; α-MEM) containing 15% FBS (Gibco), and 1% penicillin and
100 units/mL streptomycin (Gibco). The resuspended cells were plated onto 90 mm nontissue- culture treated bacteriological-grade petri dishes and cultured at 37°C in a 5% CO2
humidified incubator. The cultures were fed every 2 days by replacing spent media with
fresh media. EB formation was viewed routinely using an inverted phase microscope
(Olympus IX70, UK) equipped with a Nikon CoolPix 950 digital camera (Nikon, UK).
6.3.3 Cell encapsulation
mESCs were entrapped in calcium alginate beads as follows: cells were detached
from monolayer cultures by trypsinization (0.25% Trypsin-EDTA) and suspended at a
density of 3.1x106 cells/mL alginate in a filter-sterilized solution of 1.1% low viscosity
sodium alginate (Sigma, Catalog number A7003) + 0.1% gelatin (Sigma) in 1X PBS.
The suspension was added in dropwise fashion by passing the suspension through a
syringe and 25G needle controlled by a peristaltic pump into a 1.1% CaCl2 bath. The
beads were about 2.3mm in diameter and contained 2x104cells/bead.

Beads were

incubated with maintenance media in High Aspect Rotating Vessels (HARV; Synthecon
Inc, Texas) bioreactors with media completely changed daily. Approximately 500 beads
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were loaded into each 55 mL HARV reactor volume. For hESCs, a similar encapsulation
method was used but cell colonies, instead of single cells, were entrapped.
6.3.4 RNA extraction and reverse transcriptase polymerase chain reaction (RT-PCR)
Total RNA was extracted from cells at different time points and under different
conditions using the total RNA isolation kit (Qiagen Ltd, UK) after releasing the
Table 6.1 Primer information and PCR conditions
Target
Pluripotency

Endoderm

Mesoderm

Ectoderm

Housekeepi
ng

Primer

Sequence

(f) TGT GGA CCT CAG GTT
GGACT
Oct4
(r) CTT CTG CAG GGC TTT
CATGT
(f) CTC CTA CTC CAG CCC
CTACC
GATA4
(r) GTG GCA TTG CTG
GAG TTACC
(f) AA GGA ACC ACC GGT
Brachyur CATCG
(r) CGT GTG CGT CAG TGG
y
TGT GTA ATG
(f) CGG CCC ACG CAT CCC
CCA TCC
Nestin
(r) AGC GGC CTT CCA ATC
TCT GTT CC
(f)
CATCACCATCTTCCAGG
AGC
GAPDH
(r)
ATGCCAGTGAGCTTCCCG
TC

m.w.
(b.p.)

m.t.
(oC)

a.t.
(oC)

Cycle
Number

181

60

54

27

571

66

58

30

321

60

56

27

259

74

57

30

500

65

60

27

encapsulated cells using 50mM citrate. Single-stranded cDNA synthesis was performed
with total RNA (1 μg) using a random primer and AMV reverse transcriptase (RT) with
an RNase inhibitor (Promega, Madison, WI). The polymerase chain reaction (PCR)
buffer consisted of 1X Amplitaq Cold Buffer, 25 mM MgCl2, 10mM each dNTP, and
1.25 U/rxn of Amplitaq Gold DNA polymerase (PE Biosystems, Foster City, CA). PCR
conditions were as follows: reverse transcription, 42°C, 45 min; Taq polymerase
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activation, 94°C, 10 min; thermal cycling, 94°C, 30 s; specific primer annealing
temperature, 30 s; 72°C, 60 s, for 30 cycles; followed by a final elongation step at 72°C,
10 min. The specific primer information along with PCR conditions are listed in Table
6.1

The RT-PCR products were analyzed by 1.5% (v/v) agarose gel electrophoresis and

visualized with ethidium bromide staining. Digital images were captured using the BioRad Fluor-S Multi-Imager system (Bio-Rad, UK).
6.3.5 Cryopreservation
Cryopreservation experiments were carried out at Imperial College London and
Oxford University in the laboratory of Professor Z.F. Cui (Engineering Science).
I. Imperial College. Encapsulated mESCs were cultured in HARVs for 3 days
prior to cryopreservation. Beads were exposed to 10% DMSO/90% FBS solution for 15
minutes at 4oC. They were then loaded into 1.8 mL cryovials (Nunc) and cooled at 1oC/min until reaching -80oC in a Nalgene “Mr. Frosty” cooler and then plunged and
stored in liquind nitrogen (LN2). After 5 days in storage, beads were thawed in a 37oC
water bath until no visible ice remained. Beads were exposed to DMEM for 15 minutes
at 22oC to remove CPA; medium were then removed and fresh maintenance medium was
added and beads were put back into HARVs.

This is henceforth referred to as

freezing/thawing protocol A.
II. Oxford University. Encapsulated mESCs were cultured in HARVs for 3 days
at Imperial College London. Beads were then transported to Oxford University in T-25
culture flasks filled entirely with medium (to minimize damage during transport). Beads
were exposed to 10% DMSO/90% FBS solution for 15 minutes at 4oC. They were then
loaded into 1.8 mL cryovials (Nunc), cooled to -40oC at -1oC/min, then down to -80oC at
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-10oC/min.

Some beads were stored at -80oC and others were plunged into LN2.

Cooling was achieved in a controlled rate freezer (Planar Systems Inc, UK). After
storing at -80oC or in LN2 for 24 hours, vials were thawed in a 37oC water bath until no
visible ice remained. Beads were exposed to DMEM for 15 minutes at 22oC to remove
CPA; medium was then removed and fresh maintenance medium was added and beads
were put back into culture flasks until evaluation. In the rest of this chapter, this is
referred to as freezing/thawing protocol B.
6.3.6 Viability and encapsulated cell growth kinetics assessment
Cell viability was evaluated by either trypan blue (Sigma, UK) on a
haemocytometer and/or the Live/Dead kit (Invitrogen, UK).

The trypan blue dye

exclusion evaluates cell membrane integrity, as the dye is unable to cross intact plasma
membranes labeling only dead cells. Beads were dissolved in 50mM sodium citrate to
release the cells. The mixture was centrifuged gently at 800 rpm for 3 minutes to
separate the slower sedimenting alginate fragments from cells. The supernatant was
removed and the cell pellet was resuspended in PBS for cell counting and viability
measurement.

The Live/Dead kit (Molecular Probes, Eugene, OR) was used as a

secondary viability assay which stained viable cells green and dead cells red. This
provided spatial distribution of viable and dead cells directly in the construct. Cells in
beads were washed 3 times with PBS and incubated at 37°C with a PBS solution
containing calcein-AM/ethidium homodimer-1 (2 μM/4 μM, respectively) for 30 minutes
in the dark. After washes with 1X PBS, specimens were imaged with either a BX-60
fluorescent microscope (Olympus, Japan) or Zeiss near-IR multiphoton microscope with
a Z section thickness of 150μm (Carl Zeiss, Inc., Thornwood, NY).
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6.3.7 Effect of DMSO/FBS/DMEM solutions on mESC cryopreservation outcome
mESC cell suspensions were exposed to different CPA solutions in a one step
addition at 4oC for 5 minutes, cooled at -1oC/min until reaching -80oC and then plunged
into LN2. After 5 days in storage, cells were thawed in a 37oC bath. CPAs were removed
in one step by adding 10 volumes of media for 5 minutes at 22oC and replacing with fresh
maintenance media. After thawing viability was assessed on a fraction of the cells using
trypan blue and the remaining cells were plated. Six groups were tested with different
percentages (% v/v) of DMSO/FBS/DMEM: Group1: 0/100/0; Group 2: 0/50/50;
Group3: 5/50/45; Group 4: 5/75/20; Group 5: 10/50/40; Group 6: 10/90/0.

6.4 Results

6.4.1 Effect of DMSO solutions on mESC cryopreservation outcome
Different DMSO-based cryopreservation solutions were tested on mESC cell
suspensions to evaluate the best CPA formulations for cryopreservation. As expected,
cells frozen in solutions with no DMSO present (groups 1 and 2) predominantly died as
viabilities were less than 10% (Figure 6.1). Cells frozen in solutions with varying
compositions of DMSO (5% or 10% DMSO) and remainder FBS and DMEM, resulted in
high post-thaw survival (>75%).
6.4.2 Growth kinetics and cryopreservation of encapsulated mESCs using slow
cooling/rapid thawing
Freshly encapsulated mESCs were cultured in HARV bioreactors with
maintenance media over time to assess their growth profile. Photomicrographs in Figure
6.2A show the expansion of the cells in the hydrogel beads over time. Cell counting via
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Figure 6.1 Effects of various DMSO-based cryoprotectant solutions on mESC survival; six
groups were tested with different % (v/v) of DMSO/FBS/DMEM: Group1: 0/100/0; Group 2:
0/50/50; Group3: 5/50/45; Group 4: 5/75/20; Group 5: 10/50/40; Group 6: 10/90/0; cells were
cooled at -1oC/min in a Nalgene Mr. FrostyTM down to -80oC and then plunged into liquid
nitrogen; after storage cells were thawed in a 37oC water bath; n=3; data represents avg ± sd.
* indicates a statistical difference compared to groups 3, 4, 5, 6.

trypan blue confirmed the increase in cell number within the beads over culture time with
cell viability sustained over 80%, shown in Figure 7.2B.
After three days of culture in HARV bioreactors, encapsulated Tg2α cells were
cryopreserved in 10% DMSO/90% FBS at -1oC/min down to -80oC and then plunged into
LN2. Beads were thawed by immersion of cryovials into a 37oC bath and CPA was
removed in a single step (protocol A). Beads were then placed back into HARVs in
maintenance media. Cell number and viability were assessed over time post-thaw using
trypan blue after releasing the cells by dissolving the alginate matrix with sodium citrate.
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Figure 6.2 A. Photomicrographs of alginate-encapsulated mESCs over
time cultured in a high aspect rotating vessel (HARV); initial cell density
was 2x104 cells/bead; B. Cell growth kinetics of alginate-encapsulated
mESCs over time cultured in a high aspect rotating vessel (HARV);
initial cell density was 2x104 cells/bead; viable and total cell numbers
were determined by trypan blue exclusion assay after dissolving the
alginate matrix with citrate; n=3; each point is average ± s.d.
Cell number was normalized and reported as cells per bead, with an initial cell density of
2x104 cells/bead.

In addition, cell viability was qualitatively assessed with the

Live/DeadTM assay. Due to freezing, cell survival decreased to approximately 60%, after
which cell number and viability increased over culture time in bioreactors (Fig 6.3A).
Three days post-thaw cell populations regained non-frozen numbers (Fig 6.2B).
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Live/Dead assay indicated overall a healthy population of cells three days post-thaw,
Figure 6.3B. Despite encouraging cell re-population and vitality post preservation, the
freezing process had destructive effects on the alginate matrix. As indicated by light
micrographs in Figure 6.3C, it was evident that the beads suffered irreversible
dehydration and/or tears.

Thus, this freezing protocol would not be optimal for
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Figure 6.3 A. Cell growth kinetics of cryopreserved alginate-encapsulated mESCs
over time cultured in a high aspect rotating vessel (HARV); beads were cultured for 3
days (indicated by -3, -2, -1 days) and then cryopreserved with 10%DMSO/90%FBS
in cryovials at -1oC to -80oC and then plunged into liquid nitrogen; beads were thawed
by immersion of cryovials into 37oC bath, CPA removed and cell number and viability
were assessed over time post-thaw (PT), starting at day 0; initial cell density was
2x104 cells/bead; viable and total cell numbers were determined by trypan blue
exclusion assay after dissolving the alginate matrix with citrate; n=3; data are average
± s.d.; B. Viability using the Live/DeadTM kit 3 days post-thaw; green indicates live,
red indicates dead cells; C. Photomicrographs of alginate-encapsulated mESCs after
thawing. Arrows indicate evident deformations and structural damage of the beads
after cryopreservation; entire scale bar represents 500μm.
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6.4.3 EB formation from fresh and cryopreserved encapsulated mESCs
Cells within fresh and cryopreserved beads were released with citrate, collected,
resuspended into a single cell suspension and then cultured over six to seven days to
make embryoid bodies (EBs). Morphologically, cells from fresh and frozen-thawed
beads were able to form EBs after one week as seen by the inner cell mass that formed as
seen in Figure 6.4. Hence, cells that were cryopreserved in the beads still possessed the
potential to form EBs based on morphological inspection.

A

B

C

D

Figure 6.4 Photomicrographs of embryoid body formation over time after releasing
encapsulated mESCs after 3 days in HARV culture of fresh (A-B) and after
cryopreservation (C-D); Figures A and C were taken at 4X magnification; B and D were
at 10X magnification

6.4.4 Gene expression of fresh and cryopreserved free and encapsulated mESCs by RTPCR
Fresh and cryopreserved embryonic stem cells were assessed and compared for
gene expression of pluripotentcy (Oct-4) and germ layer markers (endoderm, GATA-4;
mesoderm, brachyury; ectoderm, nestin) via reverse-transcriptase polymerase chain
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reaction (RT-PCR). The conditions included fresh monolayer cells during expansion
(Figure 6.5, lane E) and EB formation (lanes F-H); fresh beads cultured in maintenance
media during expansion (lanes A-C) and EB formation (lanes I, J); frozen-thawed
encapsulated cells during expansion (lane D) and EB formation (lanes K, L); cells that
were cultured and frozen-thawed in 3-D beads, released, cultured as monolayers in 2-D
and then grown as EBs (lanes M, N).

K

L

M N

Figure 6.5 Reverse transcriptase polymerase chain reaction (RT-PCR) analysis of
expression of pluripotent (Oct-4) and germ layer markers in fresh and frozen-thawed
mESC Tg2α cells. Glyceraldehyde-3-phosphate dehydrogenase (GAPDH) mRNA
expression was analyzed as an internal control. A=Expn 3-d D4;B=Expn 3-d
D6;C=Exp 3-d D7;D=Expn F-T 3-d D5; E=Expn 2-d; F=EB 2-d D2; G= EB 2-d D4
;H=EB 2-d D6; I= EB 3-d D5; J= EB 3-d D8; K= EB F-T 3-d D3; L= EB F-T 3-d D8;
M=EB 3-d_2-d F-T D3; N=EB 3-d_2-d F-T D7; Exp=expansion; d=dimension; D=day;
EB=embryoid body, F-T=frozen-thawed; 2-d=monolayers; 3-d=encapsulated cells

mESC monolayers and fresh and frozen-thawed beads (lanes A-E) cultured in
maintenance media, in the presence of LIF, showed sustained expression of Oct-4 over
culture time and were expected to remain pluripotent and not express any germ layer
markers. EBs grown from fresh cells had no Oct-4 expression and very low germ layer
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marker levels at early time points, but expressed mesoderm and endoderm markers by
day 6 (lanes F-H). It is unknown why the ectoderm marker was not expressed but may
have with longer culture time. Encapsulated cells cultured in EB media did not express
Oct-4 or the germ layer markers at either day 5 or 8 (lanes I, J) although previous data in
the lab have shown otherwise (unpublished).

However, expression levels of the

housekeeping gene, GAPDH, were constant throughout all samples which indicated
stable cell populations.

Frozen-thawed encapsulated beads in EB-forming culture

conditions expressed only the ectoderm marker but not endoderm or mesoderm on both
days 3 and 8 (lanes K,L).

In addition, frozen-thawed encapsulated cells that were

released and cultured as EBs did not express Oct-4 or germ layer markers (lanes M, N).
In all EB-forming samples, Oct-4 expression was absent, as expected, but many did not
express the proper germ layer markers despite being cultured for 6-8 days. This remains
unclear at the time and requires further investigation.
6.4.5 Cryopreservation of encapsulated mESCs with two-step cooling/rapid thawing
Alginate encapsulated mESCs were cultured in maintenance media for three days
and then transported to Oxford University for cryopreservation.

In one set of

experiments, beads with three different initial cell densities, 1x104, 2x104, 4x104
cells/bead, were cryopreserved (cooled at -1oC/min to -40oC and then at -10oC/min to 80oC) and stored at -80oC for 24 hours, thawed, and the CPA removed (protocol B). Cell
viability assessed with LIVE/DEAD assay using a multiphoton microscope (mpm).
Figure 6.6 indicates that at the optical slice analyzed with the mpm, the post-thaw cell
viability was high. Also morphological assessment of the beads post-thaw indicated
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structural intactness (data not shown). However, more studies are required to confirm
these initial observations.
In another set of experiments at Oxford, encapsulated cells were treated the same
way as above but cryopreserved beads were stored at both -80oC and LN2 for 24 hours
(protocol B). Beads were thawed, CPA removed and the beads were taken back to
Imperial College in

\

Figure 6.6 Multiphoton microscopy images of frozen-thawed encapsulated mESCs using
the LIVE/DEADTM assay with an optical slice thickness of 155 μm. Initial cell densities
in the beads were 1x104, 2x104 and 4x104 cells/bead (left to right).

maintenance media where they were then analyzed for viability with LIVE/DEAD assay
using a fluorescent microscope; results are shown in Figures 6.7 A-C. Frozen-thawed
beads both stored at -80oC and LN2 appeared structurally intact and no different from the
fresh controls as seen in Figure 6.7A. This is in contrast to the slow freezing experiments
(-1oC/min down to -80oC) where there was damage post-thaw (Figure 6.3C). Cell
viability from the different storage conditions based on trypan blue and LIVE/DEAD
fluorescent image analysis indicated that viabilities after thawing from storage conditions
of -80oC and LN2 were similar to each other and to the fresh groups (Figure 6.7B). Cells
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in these groups would need to be characterized for gene expression of pluripotency and
three germ layers markers via RT-PCR to ensure that the mESCs did not differentiate. In
addition, these experiments would need to be repeated to increase confidence and
statistical significance of the data.
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Figure 6.7 A. Photomicrographs of frozen-thawed encapsulated mESCs stored at
-80oC and LN2 to visualize macrostructural integrity of the beads. Beads had
initial cell densities of 1x104 (low), 2x104 (mid) and 4x104 (high) cells/bead (left
to right). B. Fluorescent pictures of frozen-thawed beads using LIVE/DEADTM
assay of beads with three different cell densities, as described in A. C. Cell
viability of cryopreserved beads described in part A using trypan blue exclusion
dye, n=1

6.4.6 Encapsulation and cryopreservation of hESCs
Cellartis hESC colonies were encapsulated in 2.3 mm 1.1% alginate/0.1% gelatin
beads to give one colony per bead (only two colonies were available for experiments).
One bead-containing colony was examined with the Live/Dead assay to see the effects of
the encapsulation process on hESC colony viability. Based on the fluorescent picture in
Figure 6.8A, the encapsulation process did not cause extensive death to the colony as
indicated by the green, living cells. The other encapsulated colony was cryopreserved
with slow freezing (protocol A). Before freezing the alginate matrix appeared smooth
and homogeneous and the colony appeared visually intact. After thawing, the colony
appeared macroscopically intact but the alginate matrix underwent dehydration or matrix
collapse. Visual observation of the hESC colony using the LIVE/DEAD vitality assay in
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figure 7.8C after freeze-thawing showed a number of cells were alive (left panel) despite
a large number of dead cells (right panel) - estimated at 15-20% by counting viable and
dead cells using ImageJ. However, more cryopreserved encapsulated colonies would
need to be examined and corroborated with quantitative viability analysis to draw any
tentative conclusions.

A

B
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C

Figure 6.8 A. The left light micrograph shows a single Cellartis hESC colony
encapsulated in an alginate bead (indicated with arrow). The right fluorescent picture
shows live (green) and dead (red) cells of a colony after encapsulation using a
LIVE/DEAD assay B. Micrographs of single encapsulated hESC colony before and
after cryopreservation (left column; right column is a magnification of the left
column) C. Panels show viability of hESC colony with LIVE/DEADTM assay at
different focusing planes

6.5 Discussion
Encapsulated ESCs offer an attractive approach for tissue engineering strategies.
In an envisioned bioprocess utilizing this system for clinical therapies, long-term storage
is a vital issue which this study addresses. Two different freezing protocols were used,
one employing slow cooling/rapid thawing and the other using two-step cooling/rapid
thawing. The former protocol resulted in damaged beads, though cell growth kinetics
indicated restoration of cell numbers and gene expression analysis suggested that the cells
remained pluripotent and had some EB formation potential.

Structural damage of

hydrogel-based microspheres due to slow freezing is not unexpected as other studies have
also observed this [42, 91]. Cell numbers per bead in the frozen-thawed group reached
fresh control levels, and these cells expressed the pluripotent marker, Oct-4, and some
germ layer markers. The latter protocol appeared to keep the beads intact and the cells
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viable, but with a lack of cell growth kinetics and gene expression data post-thaw, further
studies would be needed to determine if cell numbers regained fresh control levels and
whether the cells remained pluripotent and could form EBs. The increased cooling rate
in the second cryopreservation protocol (10oC/min vs. constant 1oC/min in the first
protocol) seemed to help maintain bead structure. A faster second-stage of cooling in the
former protocol would allow less time for water dehydration and possibly less damage to
the bead matrix as a result. As seen in the slow freezing experiments with encapsulated
mESC and hESCs, the alginate matrix becomes irreversibly damaged due to ice
formation and/or dehydration. For short storage times, beads at -80oC or LN2 gave
similar post-thaw viabilities and bead structural integrity. However, viability of samples
stored over long periods at -80oC, a common practice for cell biologists, would be
compromised [189].

Cells stored at these temperatures, above the glass transition

temperatures of the samples, are thermodynamically unstable and would temporally
deteriorate. Hence, storage in LN2 would provide the most stable conditions and results
from this study suggest that cells would be viable and bead structure would remain.
The experiment with the encapsulated hESC colony, though preliminary, offers
encouragement that encapsulation may confer protection during freezing. Although a
commonly used slow freezing protocol was implemented, which may certainly not be
optimal for such a system, some cells within the colony survived as assessed by
microscopy. However, a more detailed study would be needed to determine cell growth
kinetics and gene expression levels. Due to small post-thaw viabilities of hESCs after
cryopreservation, reported 0.1-15% [111, 113, 190], strategies such as encapsulation
could provide a way to enhance survival after thawing. In addition, this would make it
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possible to scale-up samples and create a stockpile, unlike current techniques that utilize
small volume cryostraws. Encapsulated cells could then be thawed and directed, while in
the matrix, towards tissue-specific terminal differentiation for regenerative medicine
applications.

Alternatively for cell-based uses, thawed encapsulated cells could be

released from the alginate matrix by adding a chelating agent, such as sodium citrate.
This was the first study to examine cryopreservation of encapsulated mouse and
human embryonic stem cells. Although slow cooling was not an ideal approach, faster
cooling protocols may hold promise in preserving cell viability, pluripotency and matrix
structural integrity. Successful cryopreservation would facilitate the use of novel stem
cell based therapies in clinical and commercial applications.
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CHAPTER 7

CRYOPROTECTANT TRANSPORT THROUGH ARTICULAR CARTILAGE
FOR LONG-TERM STORAGE: EXPERIMENTAL AND MODELING
STUDIES44

7.1 Summary

Objective: Long-term storage of articular cartilage remains challenging due to poor postthaw viability.

An initial step towards addressing this issue is characterizing

cryoprotectant (CPA) transport, since ensuring adequate CPA equilibration throughout
the tissue offers protection during cooling. This study takes a systematic approach in
determining CPA transport rates through bovine articular cartilage and uses that
information in mathematical models to determine CPA equilibration times.
Design: Diffusion of high concentration single (6.9M DMSO) and multi-component
CPA solutions (VS55, 3.1M dimethyl sulfoxide (DMSO)+2.2M 1,2 propanediol+3.1M
formamide) were measured through articular cartilage using 1H nuclear magnetic
resonance (NMR) imaging and localized spectroscopy, respectively.

Using

experimentally calculated effective diffusivities, diffusion models describing CPA
transport through the tissue matrix and across chondrocyte membranes were combined to
design a CPA addition and removal scheme for a cartilage plug of clinically relevant
dimensions.
Results: 1H NMR imaging and localized spectroscopy experiments suggested that the
permeation of CPAs through articular cartilage (5 mm diameter, 5-10 mm in thickness)

4

Modification of a manuscript that has been submitted and is currently under review.
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took on the order of 4 hours for full equilibration at 22oC. Imaging clearly showed the
permeation of DMSO into cartilage over time and localized spectroscopy was able to
distinguish the permeation rates of the individual VS55 components and water.
Experimentally measured diffusivity values were used in CPA addition/removal
simulations with a cartilage plug of clinically relevant dimensions (5 mm diameter, 2 mm
in thickness). Results suggested a multi-step approach for adding and removing high
concentration CPAs, with the addition and removal each taking approximately 2 hours to
complete.
Conclusions: This study provides a foundation for designing CPA addition and removal
protocols for effective long-term storage of cartilage tissue using a novel approach to
measure CPA permeation.

7.2 Introduction

Transplantation of fresh osteochondral allografts has proven to be effective for
clinical treatment of focal articular defects. However, the limited availability of fresh
allograft tissues necessitates banking for long-term storage [19-22].

Although

cryopreservation by freezing is preferable for long-term tissue storage, conventional
protocols result in high cell death of the chondrocytes along with the formation of ice in
the matrix and/or in the chondrons [23, 191, 192]. Indeed, there exists evidence that,
although extracellular ice is generally not harmful to suspensions of single cells, it poses
a major hazard for natural and artificial tissues [22, 126, 193, 194] and recent studies
indicate that extracellular ice forms within the chondron of cartilage causing cell damage
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[23]. Therefore, improved preservation methods need to be developed as part of a
successful clinical application.
Ice-free cryopreservation, or vitrification, which involves the amorphous
solidification of a liquid in the absence of ice crystals, has the potential to achieve tissue
preservation in terms of maintaining cellular viability and functionality, as well as
integrity and function of the extracellular matrix [25, 37, 42]. Vitrification is generally
accomplished through combination of high concentrations of cryoprotectants (CPAs) and
rapid cooling and warming rates so that nucleation and growth of ice crystals are
effectively minimized. Alternatively, recent work has shown that vitrification can be
achieved by tracking the liquidus line, i.e., by gradually increasing the CPA concentration
and cooling the cartilage sample [129].

In either case, vitrification of samples of

clinically relevant thickness is particularly challenging. Characterizing mass transport
properties of CPAs through articular cartilage is critical in addressing issues of cellular
osmotic volume excursions and cytotoxicity to confer protection during cooling.
Nuclear magnetic resonance (NMR) imaging and spectroscopy are powerful, noninvasive tools that can be employed to monitor the permeation into tissues of CPAs with
NMR-observable nuclei. NMR imaging can be used to obtain spatial information of CPA
distribution at various times, revealing heterogeneities in CPA diffusion within the tissue.
MR imaging techniques have been used to observe and quantify CPA permeation into
various tissues including freeze-dried artificial dermal replacements [195], rat kidney and
liver [196], zebrafish embryos [197] and human articular cartilage [198].

NMR

spectroscopy can be used to determine precise solute concentrations and has been used as
an offline tool to determine the permeation kinetics of CPAs into articular cartilage by
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measuring the concentration in the bulk solution [199]. In all these studies, solutions
containing a single CPA were used. As is often the case in vitrification, however, multisolute solutions are used [37, 39] and acquiring simultaneously the transport rates of all
components of the CPA cocktail is essential for accuracy.
In this study, we addressed the critical issue of delivering and removing in
articular cartilage the high concentrations of CPAs necessary for vitrification. We first
characterized CPA transport through immature bovine articular cartilage tissue; this
tissue was selected because it is available, inexpensive, and can be prepared in the
necessary dimensions to effectively study CPA transport. Once the methodologies are
developed, applying them to human cartilage would be quite straightforward. Diffusion
of a single component CPA was studied by 1H NMR imaging, whereas with a multicomponent CPA solution a novel approach was implemented, which consisted of
measuring by localized 1H NMR spectroscopy CPA concentrations vs. time in a volume
of interest within a cartilage plug.

Effective CPA diffusivities were then calculated.

Equations for CPA transport through the extracellular matrix were coupled with
equations for solute and water transport through cell membrane to describe multi-solute
and water transport across chondrocytes throughout the tissue. This information was then
used to determine equilibration times of vitrification-relevant concentrations of CPAs for
cartilage tissue of clinically-relevant size. To ensure maximum tissue permeation while
minimizing osmotic effects and cellular cytotoxicity, stepwise CPA addition and removal
were implemented.

The use of this information in designing carefully optimized

cryopreservation protocols is discussed.
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7.3 Materials and methods

7.3.1 Chemicals
Unless otherwise stated, all chemicals were purchased at Sigma Chemical
Company (St. Louis, MO USA).
7.3.2 Tissue isolation
Full thickness articular cartilage plugs (without bone) were harvested from the
femoral condyle or femoropatellar groove of 1-2 week old calves (Research 87,
Marlborough, MA) using a 8 mm sterile disposable biopsy punch (Miltex, Inc., York, PA
USA).

Cartilage plugs isolated were 8 mm in diameter and between 5-10 mm in

thickness.
7.3.3 MR Imaging Setup, Acquisition and Analysis
A sample cartilage plug was placed in a sample holder consisting of an 8 μm pore
size membrane tissue culture insert (BD Biosciences, Franklin Lakes, NJ USA) placed on
top of a cut Teflon® sheet with a hole of diameter slightly smaller than the diameter of the
insert to ensure exposure of the membrane of the latter to the liquid solution, all
contained within a 50 mL centrifuge tube (VWR International, Suwanee, GA USA)
(Figure 7.1). The large pore size of the insert membrane prevented any mass transfer
resistance of solute to the cartilage surface. The tube was then filled with a 6.9 M DMSO
solution (50% w/w) in 1 X PBS. The conical tube was quickly placed in a 3.8 cm id
quadrature birdcage resonator. Imaging was performed on a Varian/Inova spectroscopy
and imaging system operating at 4.7T (200.536 MHz at 22oC). A gradient insert (11.7
cm id) was enclosed in an outer standard gradient coil. The maximum gradient amplitude
was 25 gauss/cm with a rise time of 250 μs. The final tissue orientation was such that the
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plane of the disk was parallel to the applied magnetic field direction. Prior to image
acquisition the magnetic field was shimmed, or made homogenous. Following initial
scout images to locate the imaging plane, a chemical shift selective imaging (CSSI)
sequence was utilized to visualize diffusion of DMSO into the tissue over time. In the
pulse sequenced utilized, the initial 90o 16 ms gaussian pulse was chemical shift

Bo
A
z

B

E
F

r

D

L

G

1 mm

C

Figure 7.1 Schematic of NMR sample holder. A: field of view of the
radiofrequency coil; B: 50 mL centrifuge tube; C: Teflon piece holding tissue
culture insert in place; D: 10 mm diameter tissue culture insert with 8 μm pore
size membrane; E: cartilage plug; F: volume of interest (VOI) for localized
spectroscopy studies; G: 1.0 mm thick plane for CPA imaging studies. The
Teflon piece rested on the walls of the centrifuge tube and had a hole of
diameter slightly smaller than the diameter of the insert to ensure exposure of
the membrane of the latter to the liquid solution. Bo=magnetic field; figure not
drawn to scale.

selective, but not slice selective. Slice selection was achieved with the 180o refocusing
pulse which consisted of a 2 ms sinc waveform. 256 complex points were acquired in the
read direction with 128 phase encoding steps. The data matrix was zero filled to 512 x
512 before 2-D Fourier transformation. The chosen field of view (4 cm x 4 cm) gave a
final in-plane displayed resolution of 78 μm x 78 μm with a slice thickness of 1 mm.
Four acquisitions (NEX) were averaged for each image slice centered within the sample.
The total imaging time for each scan was 51 minutes.
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The extent of DMSO permeation into a piece of articular cartilage was examined
by monitoring the signal intensity in the chosen slice over time.

Mean brightness

intensities inside the cartilage as well as in the bulk were determined for each time series
image using freeware ImageJ analysis software (National Institutes of Health, USA). The
mean intensities inside the tissue were normalized to the mean external solution intensity
(Icartilage/Ibulk), indicating the extent of CPA equilibration.
To aid in the proper choice of echo times (TE) and repetition times (TR) values
during CSSI acquisition, relaxation parameters T1 (by inversion recovery) and T2 (CarrPurcell-Meiboom-Gill, CPMG), were determined for the bulk CPA solution as well as
after equilibration within a cartilage sample. Consequently, TE and TR were adjusted to
reflect these relaxation times. T1 effects were assumed negligible due to long TR times
used as well as T1 inside being similar to T1 outside.

Apparent T2 effects were

estimated by taking images at different TE values for tissue equilibrated with the DMSO
solution. Images were obtained from eight TE values (23, 43, 83, 123, 143, 183, 223,
263 ms) and were fit to the equation, M(t) = Mo exp(-t/T2), using a MR Analysis
Calculator plug-in (author: Karl Schmidt) for ImageJ to yield T2 and Mo values, where
M(t) is the magnetization vector at time t, Mo is the equilibrium magnetization vector and
T2 is the transverse relaxation time decay constant. Tissue and bathing solution image
intensities could then be corrected for the effect of different apparent T2 values. The
CPA concentration inside or outside the tissue is proportional to Mo in the respective
position and the intensities are proportional to M(t) (i.e., Iinside/Ioutside=M(t)inside/M(t)outside).
Hence, the ratio of intensities was multiplied by a T2 factor to take into account these
effects. For images acquired at TE=23 ms (assuming constant T2 inside the tissue),
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(7.1)

where C is the CPA concentration, Mo is the equilibrium magnetization vector, I is the
intensity, T2 is the transverse relaxation time decay constant, TE is the echo time, inside
refers to the cartilage sample, outside refers to the bulk solution
Using the value from equation 7.1, the raw intensity data inside the tissue were
corrected for T2 effects by multiplying by the exponential part above which was 1.19 (e23ms/1045ms

/ e-23ms/116ms). We considered the effects of molecular translational self diffusion

effects on the decay of the MR signal during both the imaging and spectroscopy
sequences and determined that these are negligible under our experimental conditions.
7.3.4 MR Spectroscopy Setup, Acquisition and Analysis
A sample cartilage plug was placed in a sample holder as described above under
the same magnet conditions.

Standard 1H NMR gradient-echo scout images were

acquired to locate the imaging plane. Localized 1H NMR spectra were acquired from a
1x1x1 mm3 voxel or volume of interest (VOI), centered within the cartilage plug using a
localized point resolved spectroscopy sequence (PRESS) [200]. The final tissue
orientation was the same as that described for the imaging experiments. Shimming of the
water signal was performed on the selected VOI using a localized PRESS sequence.
The cartilage plug was initially submerged in 1 X PBS and the initial water
content in the cartilage sample was measured. Following this, the PBS was quickly and
completely removed and replaced with a CPA cocktail of half strength VS55 in PBS
(1.55 M dimethyl sulfoxide, 1.1 M 1,2 propanediol, 1.55 M formamide) at 22°C. VS55
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is a commonly used vitrification solution for cryopreservation of various tissues [25, 37,
42]. The time from introducing the CPA-containing solution to attaining the first
localized spectrum was 30 minutes. The time required to collect each spectrum was 12
minutes and data were acquired for approximately 6 hours.
Spectral data were processed using the frequency domain analysis package supplied
in VNMR from Varian. Time domain data were apodized with an exponential line
broadening of 5 Hz, Fourier transformed, and baseline corrected where necessary. A
Lorentzian function was fit to the resulting peaks and integrated to determine the area
under each peak, which is proportional to the respective solute concentration.
7.3.5 Mathematical modeling and calculations
Multi-solute CPA transport within the cartilage plug was simulated with a twocompartment model to characterize diffusion within the cartilage matrix as well as across
the chondrocyte cell membrane.
Model Assumptions
1. No CPA reaction or consumption by the cells or matrix.
2. Uniform cell distribution.

This is indeed a good assumption for immature

cartilage where the cell distribution is relatively homogenous [201-203].
3. Isotropic effective diffusivities throughout tissue. The low molecular weight,
non-electrolyte nature of the solutes used in this study makes the isotropic
transport assumption reasonable.
4. Isothermal experimental conditions.
5. Constant cell membrane permeabilities (independent of CPA concentration and
position within the tissue).
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6. Chondrocytes in situ behave similarly as in cell suspensions with respect to
osmotic volume excursions.

The reasonableness of this assumption is

corroborated by studies demonstrating that bovine chondrocytes are not restricted
in their “passive” osmotic responses by the extracellular matrix, and indeed midzone chondrocytes behave as perfect osmometers [23, 162, 204].
7. No solute-solute interactions for multi-solute CPA transport across chondrocyte
cell membrane or in the tissue matrix; CPA transport is driven only by its
concentration gradient.
8. Concentration-dependence and non-ideality behavior of the solutes in the
cartilage tissue similar to those in the bulk; also, Deff/Do, the ratio of effective
diffusivity of CPA through cartilage to bulk solution diffusivity, assumed
constant.
9. No concentration boundary layer, i.e., concentration at the surface of the tissue is
the same as in the bulk solution. This is justified because diffusion of the CPAs
are slow through the tissue.
7.3.6 CPA transport across cell membrane
To account for transport across the cell membrane, a multi-solute membrane
transport model, extended from a two-parameter membrane formalism with
modifications, was applied [51]. The fluxes of water and of the ith solute through the cell
membrane are described by the following equations.

dV w
= − L p ART ( M e − M i )
dt

(7.2)

dN i
= Psi A( M ie − M ii )
dt

(7.3)
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In the above equations, Vw (µm3) is the volume of water inside the cell; Lp (μm/sec•atm)
is the water permeability; A (µm2) is the surface area of the cell; R ((µm3•atm)/(mol•K))
is the universal gas constant; T (K) is the absolute temperature; Me and Mi (osmoles/μm3)
are the total external and internal osmotic concentrations, respectively; Mie and Mii
(osmoles/μm3) are the external and internal osmotic concentrations, respectively of the ith
solute; Ni (osmoles) is the intracellular amount of the ith solute; and Psi (μm/s) is the ith
solute permeability.

Me and Mi were determined using the osmotic virial equation

extended for 3 solutes (equation 7.13); Mie and Mii were determined using the osmotic
virial equation for a single solute [147]. Chondrocyte CPA membrane permeabilities for
DMSO and PD were taken from the literature [205] and are shown in Table 7.1. As no
data are available on the formamide permeability for chondrocytes, the average of DMSO
and PD permeabilities was used for this solute.
7.3.7 CPA Transport through cartilage ECM
CPA transport, for the ith solute, through a cylindrical cartilage plug is described
by the following equation

⎛ 1 ∂ ∂Ci
∂Ci
1 ∂ 2 Ci ∂ 2 Ci
⎜
(r
)+ 2
= − Deff ⎜
+ 2
∂t
r ∂Θ 2
∂z
⎝ r ∂r ∂r

⎞
⎟⎟ + rA
⎠

(7.4)

Assuming angular symmetry and no reaction,

⎛ 1 ∂ ∂Ci
∂Ci
∂ 2 Ci
(r
)+ 2
= − Deff ⎜⎜
r
r
r
∂t
∂
∂
∂z
⎝

⎞
⎟⎟
⎠

(7.5)

The following boundary and initial conditions apply:
i)

Ci(r, z, t=0) = 0

(no CPA initially present in the tissue)
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(7.6)

Table 7.1: Values of model parameters

Parameter

Value

Units

Source

Vb

0.414

[unitless]

[205]

Lp

0.166

[μm/min.atm]

[205]

Ps (DMSO, 22oC)

7.88 x 10-2

[μm/s]

[205]

[μm/s]

[205]

o

Ps (PD, 22 C)

3.716 x 10

-2

average of Ps
Ps (Formamide, 22oC)

7.88 x 10-2

[μm/s]

for DMSO and
PD

o

Deff (Sucrose, 22 C)

2

[m /s]

[169]

0.0843

[mol/kg]-1

[147]

0.0576

[mol/kg]-1

[147]

5.49 x 10

-10

nd

B (2 virial coefficient)
(DMSO)
B (2nd virial coefficient)
(PD)

coefficient
nd

B (2 virial coefficient)
(Formamide)

[mol/kg]-1

-0.0306

calculated on
the basis of
data from [206];

ii) Ci(r=R0, z, t) = CbulkK

(7.7)

(CPA concentration at the cylindrical surface equal to that in the liquid bulk times the
partition coefficient, K)
iii)

∂C i
(r = 0, z , t ) = 0 (symmetry condition at the cylinder axis)
∂r

iv) Ci(r, z = ±

L
, t ) = CbulkK
2

(7.8)

(7.9)

(CPA concentration at the cylindrical bases equal to that in the liquid bulk times the
partition coefficient, K)
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v)

∂C i
(r , z = 0, t ) = 0 (symmetry condition at the cylinder mid-plane)
∂z

(7.10)

where C is the CPA concentration, Deff is the effective diffusivity of the CPA through the
cartilage matrix, rA is the rate of reaction per unit volume, K is the partition coefficient, r
is the radial position, Ro is the radius of the cartilage plug, z is the axial position, and t is
time. It should be noted that if, instead of cartilage, an osteochondral plug with a bone
segment of significant thickness is considered, boundary conditions iv and v become:
Ci(r, z = L,t ) = CbulkK (CPA concentration at the cartilage cylindrical base equals that in
the liquid bulk times the partition coefficient, K)
∂C i
( r , z = 0, t ) = 0 (there is no CPA flux through the osteochondral interface)
∂z

where the osteochondral interface is at z=0 and the cartilage tissue extends to z=L.
7.3.8 Determination of the effective CPA diffusivity through cartilage matrix
Effective diffusivity, Deff, values were calculated from imaging and spectroscopic
data as follows. For the imaging experiments, average intensities were calculated from
the image which represents the volume (V) from 1.0 mm thickness about the center. In
the spectroscopy experiments, average concentrations ( Ci ) came from a 1x1x1 mm3
volume cube in the center of a cartilage plug. Average concentrations in these volumes
were calculated by

∫ C dV
i

Ci =

V

(7.11)

V

C i / C bulk profiles were fit using COMSOL Multiphysics

TM

(COMSOL, Inc, Burlington,

MA) with Deff as the adjustable parameter (equation 7.5) using appropriate boundary and
initial conditions (equations 7.6-7.10), sample dimensions and integration volumes
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corresponding to the NMR experimental volumes of interest. Least squares optimization
was used to determine the best fit for Deff.
7.3.8.1 Bulk solution diffusivity calculations
High concentration solutions can be thermodynamically non-ideal and have
diffusion coefficients strongly dependent on concentration [207]. To account for these
factors, the following equation was used to calculate CPA diffusivities in the bulk
solution [208]:

D AB

Fick

(

= (Γ ) D AB

where DAB

Fick

MS

)

(1+ xB − x A )
(1+ x A − xB ) ⎞
⎛
⎛
∂ ln γ A ⎞⎜ o
⎟
o
2
2
) ⎟⎟⎜ ( D AB )
( D BA )
= ⎜⎜1 + x A (
⎟ (7.12)
∂x A ⎠⎜
⎟
⎝
⎝
⎠

is the Fickian diffusivity (m2/s) of the binary pair A-B (CPA-solvent),

the thermodynamic factor which accounts for non-ideality, DAB

MS

is

is the Maxwell-Stefan

(MS) diffusivity which accounts for the concentration dependency (m2/s), xA is the mole
fraction of solute, xB is the mole fraction of solvent, γΑ is the activity coefficient of the
o
o
solute, DAB
is the diffusivity at infinite-dilution of pair A-B (m2/s) and DBA
is the

diffusivity at infinite-dilution of pair B-A (m2/s).

Infinite dilution diffusivities were

calculated based on the Wilke-Chang equation [207].

Activity coefficients were

calculated using the UNIFAC activity coefficient model [209]. Equation 7.12 was used
to calculate bulk solute diffusivities as a function of composition for each CPA-water
pair.

An average diffusivity value was used between xA=0 and the final CPA

concentration in the bulk.

The ratio of diffusivities for a CPA solute between the
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cartilage and bulk solution, Deff/Do, could then be computed. This ratio represents the
solute transport resistance due to the cartilage tissue. As previously explained, this ratio
was assumed constant for each CPA in this study.
7.3.8.2 CPA transport through matrix and across cell membrane: chondrocyte CPA
equilibration
Multi-solute intracellular solute osmolality and cell volume excursion profiles for
chondrocytes were simulated as a function of time at chosen points within a clinicallyrelevant sized cartilage tissue, taken to be of 5mm diameter and 2 mm length. This was
implemented by coupling CPA concentration profiles from the two compartments (tissue
matrix and intracellular), as described by equations 7.2, 7.3 and 7.5. The points for
analysis were at the center and periphery (at the boundary) as these represent the extreme
locations for CPA equilibration within a tissue.
Diffusivities used to determine the concentration profiles for each CPA through
cartilage in the simulations were calculated as follows: Do for each CPA was determined
at the particular bulk concentration (as described in the previous section) and Deff was
calculated by multiplying the calculated Do by the constant Deff/Do hindrance ratio.
Using Deff, COMSOL was used to generate these concentration profiles using the
appropriate initial and boundary conditions at each point of analysis. The concentration
profiles through the matrix (equation 7.5) at each position were coupled with equations
7.2 and 7.3, describing transport across the cell membrane, using MATLAB (Mathworks,
Natick, MA, USA). Due to the high concentration of CPA (3.1 M DMSO, 3.1 M
formamide, 3.1 M 1,2 propanediol), the concentration profile was simulated in a stepwise manner to minimize cell volume osmotic effects. In addition, a multi-solute osmotic
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virial equation model was used to account for the non-ideality of the high concentration
solutes in predicting CPA osmolalities as described by Elliott et al. [147]. The osmolality
calculations relating CPA concentrations to osmotic concentrations, M e , M i , M ie , and
M ii , were used in cell volume and intracellular CPA concentration predictions in
equations 7.2 and 7.3. The osmotic virial equation was extended for the case of a 3solute system to calculate Me and Mi,

π = c1 + c 2 + c3 + B11c1 2 + c1c2 ( B11 + B22 ) + B22 c2 2 + c1c3 ( B11 + B33 ) + c2 c3 ( B22 + B33 ) + B33 c3 2
(7.13)
where π is the osmolality (Osm), c1, c2, c3 are the molal concentrations (moles of solute
per kilogram of solvent) for DMSO, PD and formamide, respectively; B1 , B2 , B3 are the
second osmotic virial coefficients for DMSO, PD and formamide, respectively. The
virial coefficient values used are listed in Table 7.1.

7.4 Results

7.4.1 1H NMR Imaging and Spectroscopy
The permeation of vitrification-relevant concentrations of a single-solute and
multi-solute solution was monitored over time using two different 1H NMR techniques,
chemical shift selective imaging (CSSI) and localized spectroscopy, respectively. For the
imaging experiments, relaxation parameters, T1 and T2, were determined and are
reported in Table 7.2. The time constants for DMSO and water are lower in the tissue
than the bulk solution, an expected result as the tissue causes shortening of relaxation
times. Results on the diffusion of DMSO from a 6.9 M solution into the tissue observed
by imaging are shown in Figure 7.2A. As images tracked DMSO, the efflux of water was
138

not captured in this study. The brightness intensity in the cartilage sample across the
images was compared to the intensity in the bulk solution, Figure 7.2B. The

Table 7.2: T1 and T2 values of 6.9 M DMSO in bulk solution and equilibrated in
cartilage
T1 (s)

T2 (s)

DMSO

1.99

1.70

Water

1.08

1.05

Equilibrated

DMSO

1.86

0.669

Cartilage Tissue

Water

1.07

0.086

6.9 M DMSO

A

1

2

6

7

3

8

4

5

9

10

Figure 7.2 A. Time series montage of 1H NMR images from a 1.0 mm thick
planar segment through the center of a cylindrical cartilage plug. Images are based
on detection of DMSO, hence they present the permeation of this solute from a 6.9
M single-solute solution into the initially DMSO-free plug. Image 1 was acquired
81 minutes after exposing the tissue to the DMSO solution; each subsequent image
was acquired 51 minutes from the preceding one. B. Imaging signal intensity
averaged over the acquisition plane (Icartilage) normalized to the signal intensity
in the surrounding solution (Ibulk). Points are experimental measurements from
one imaging experiment. Dashed line is the best-fit curve, using least-squares
fitting and the DMSO effective diffusivity as the only adjustable parameter, of a
Fickian diffusion model through the experimental data.
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Figure 7.2 (continued)
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ratio of intensities, Icartilage/Ibulk, proportional to the ratio of concentrations, C i / C bulk , was
fit to equations 7.5-7.10 with the partition coefficient, K, set to 0.9 (based on the last
experimental data point) and Deff remaining as the only adjustable parameter. With
increasing time, the brightness intensity inside the tissue increased indicating an influx of
DMSO. It is evident that the time for DMSO to reach equilibrium with the bulk is long, ,
taking of the order of 4 hours.

1

H NMR imaging provides a clear assessment of

permeation of a single CPA solution.
Figure 7.3 shows a typical 1H spectrum of a half strength vitrification cocktail,
VS55, both in the bulk solution and inside cartilage tissue after solution equilibration.
The individual components of the multi-component solution are easily distinguishable
and the areas under the peaks correlate to their relative concentrations. Localized spectra
were acquired over time of a 1 x 1 x 1 mm3 VOI inside the cartilage sample as the
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Figure 7.3 A. 1H NMR spectrum of half strength VS55 cocktail (1.55 M DMSO,
1.55 M formamide, 1.05 M 1,2 propanediol) at 200MHz in a 1x1x1 mm3 volume of
interest (VOI) in articular cartilage positioned in the center after CPA equilibration;
B. 1H NMR spectra of half strength VS55 cocktail in the bulk at 200MHz in a 1x1x1
mm3 VOI; inset in B represents a zoom-in of the formamide peak for visualization;
D=dimethyl sulfoxide; F= formamide; P=1,2 propanediol; W= water

cocktail diffused into the cartilage tissue.

Figure 7.4 shows the normalized

concentrations (relative to the bulk concentration) of the individual CPA components
over time. At equilibrium, the concentrations of all three CPAs in the tissue were equal
to that in the bulk; as a result, the partition coefficient, K, was set equal to 1. Formamide,
the smallest solute at molecular weight 45 Da, diffused the fastest. As water was clearly
detected in the spectra (Figure 7.3), its concentration in the tissue was also plotted vs.
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Figure 7.4 Representative concentration profiles of permeating half strength
VS55 (1.55 M DMSO, 1.55 M formamide, 1.05 M 1,2 propanediol) into
articular cartilage. Points are experimental measurements from localized 1H
NMR spectroscopy from a 1x1x1 mm3 volume of interest (VOI) positioned in
the center of the plug. Lines are best fit model simulations using the effective
diffusivity of each component as the only adjustable parameter. Water was also
detected in the 1H NMR spectra (Figure 7.3); the inset represents the efflux of
water from the cartilage plug measured from the same VOI simultaneously as
the influx of the VS55 components.

time (Figure 7.4 inset). Due to an osmotic difference between the inside and outside of
the tissue, there was an efflux of water. As seen for the case of the 6.9 M DMSO, the
vitrification cocktail solution took on the order of hours to equilibrate with the bulk
solution. Concentration profiles generated from the localized spectroscopy experiments,
tracked within a 1x1x1 mm3 volume of interest, were fit assuming Fickian diffusion and
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calculated for each CPA component (Table 7.3) using equations 7.5-7.10. As compared
to the bulk, the solutes diffused 30-38% as fast through the cartilage tissue due to
hindrance from the cartilage matrix.

Table 7.3A: Diffusivities through cartilage relative to bulk solution diffusivities (Deff/Do)
for each component in a multi-solute vitrification solution and of DMSO in a single
solute solution. Deff for each component of the vitrification solution is the average from 3
independent NMR spectroscopy experiments; Deff for DMSO in the single solute solution
was from one MR imaging experiment.
Deff (average ± s.d) x
10-10 (m2/s)

Deff/Do

DMSO in single-solute

5.8

0.30

DMSO

4.63 ± 0.85*

0.34

1,2 Propanediol

3.47 ± 0.67*

0.30

Formamide

6.67 ± 0.70*

0.38

solution (measurement
by NMR imaging)
VS55 cocktail
(measurement by
localized NMR
spectroscopy)

Deff = effective diffusivity; Do = bulk diffusivity; s.d. = standard deviation; *
values are averages ± s.d. from 3 independent experiments

7.4.2 Simulations of cell volume change and intracellular solute concentration
Figure 7.5 shows simulations of cell volume excursions and intracellular CPA
concentrations at the center and periphery of a 5 mm diameter and 2 mm thick piece of
articular cartilage after stepwise addition and removal of a vitrification cocktail of VS55
based on the contributions from all CPA solutes. CPA concentration profiles for each
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Figure 7.5 Simulated normalized cell volume and total intracellular CPA
osmolality. chondrocytes at the periphery (solid lines) and the center (dashed
lines) of a 5 mm diameter by 2 mm thick cartilage plug exposed to stepwise
addition and removal of VS55 vitrification cocktail (3.1 M DMSO, 3.1 M
formamide, 2.1 M 1,2 propanediol, 12.5 Osm).

solute through the matrix were determined using equations 7.5-7.10 and intracellular
CPA concentrations were determined from equations 2-3; cell volume excursions were
determined as described in [210]. In these simulations, the partition coefficient was
assumed to be 1 as observed experimentally in the experiment of Figure 7.4 which
employed the same CPAs. To maintain osmotic volume excursions within tolerable
limits, estimated from previous studies [1], addition was carried out in 4 steps and
removal also in 4 steps, in the presence of sucrose (0.35 M, 0.30 M, 0.2 M, 0.0 M,
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respectively), a non-permeating solute, which aids in osmotic buffering. A Deff/Do factor
of 0.34 was used with the diffusivity of sucrose through cartilage and its concentration
profile was determined in the same way as with the CPA solutes using the finite element
modeling solver. The duration of each addition and removal step was determined based
on minimizing the exposure time but ensuring at least 90% intracellular CPA
equilibration of the cells at the center with the bulk solution at each step before
implementing the next step. As expected, the volume excursions at the periphery are
larger than at the center, as peripheral cells experience directly the bulk CPA step
concentration changes, whereas cells at the center experience smaller CPA concentration
changes, attenuated by the diffusion of the solute through the thickness of the tissue.
Simulated CPA and sucrose concentrations through the tissue matrix used in the cell
volume and intracellular CPA concentration calculations are shown in Figure 7.6. The
addition and removal of VS55 components take over 2 hours each at room temperature.

7.5 Discussion

The realization for osteochondral tissue banking relies upon successful
approaches for long-term storage.

Conventional freezing as well as vitrification

approaches have been met with limited success and so preservation at clinically-relevant
length scales still remains a challenge. One key step towards successful cryopreservation
is adequate CPA penetration into the tissue for protection during cooling. Although past
studies have looked into characterizing transport of CPAs through cartilage and other
tissues, they have been limited to single component solutions and have primarily focused
on bulk transport through the tissue matrix. Hence, this study took a systematic modeling
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methodology, using experimentally determined parameter values, to describe and
perform an initial design of CPA addition and removal under high concentrations and
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Figure 7.6 Simulated concentration profiles of VS55 components in the matrix
in a 5 mm diameter by 2 mm thick cartilage plug. Concentration profiles shown
for points at the center and periphery of the plug.

multi-solute conditions by using a two-compartment model.

Chondrocyte cell volume

excursions and intracellular CPA concentrations were examined, two important
parameters in ensuring a successful preservation outcome.
A novel approach was used to measure multi-solute CPA permeation into articular
cartilage using 1H NMR localized spectroscopy. Moreover, NMR imaging was used to
visualize permeation of a high concentration single solute CPA.

The concentration

profiles were fit assuming Fickian transport to determine effective diffusivities of the

146

CPA solutes. The partition coefficients used, based on experimental data, differed for the
imaging and spectroscopy experiments. The reason for this discrepancy is not clear. It
should be noted, though, that different solutions were used in the two experiments, and
solute transport behavior in the presence of multiple solutes may indeed be different than
transport of a single-solute system [211].

Table 7.3B: Effective diffusivities of CPAs through articular cartilage from the literature

Cartilage
Source

Dimensions

CPA

Concentration
(M)

Deff
x 10-10
(m2/s)

Temp
(oC)

Reference

3.5
(with

no bone: d=10
mm, z=2-

DMSO

6.8

and

mature

4mm; with

without

pAC

bone: d=10

bone)

mm, z=7-14

2.0

mm

PD

6.8

(with

22

[26]

22

[26]

bone)
immature
and

d=10mm,

mature

z=2.2-3.4 mm

DMSO

1.4

17.9

37

[198]

DMSO

1

11.20

22

[199]

22

[212]

hAC
immature d=5mm,z=2.9pAC

5mm

immature

d=6 mm, z=1

DMSO

1.4

4.06

oAC

mm

PD

1.4

3.41

p=porcine; h=human; o=ovine; AC=articular cartilage
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The ratios of diffusivities of the solutes through cartilage to water (Deff /Do) were
found to be between 0.30-0.40. These values are similar to those found for other small,
non-electrolyte solutes diffusing through articular cartilage [213-215]. The effective
CPA diffusivity values through articular cartilage determined in this study (Table 2A)
were similar to those reported in other studies (Table 2B), although Muldrew et al and
Carsi et al [198, 199] report much higher values. Effective diffusivity values of 6.9 M
DMSO through other tissues such as kidney and liver have been determined to be
180x10-10 and 50x10-10 m2/s, respectively, under ambient conditions [196]. Clearly,
diffusivity values for these tissues are significantly higher than for articular cartilage,
making cartilage more difficult to preserve.
In the experiments of this study used to establish the methodology for measuring
CPA diffusivities, we opted to use immature bovine articular cartilage, which can be
easily obtained in thick sections, is inexpensive, and has a relatively homogeneous
distribution of cells. On the other hand, it is well documented that mature articular
cartilage is heterogeneous and anisotropic with respect to both cellularity and
extracellular matrix properties [121]. Although studies with mature cartilage are clearly
needed, there exists evidence that transport of small, uncharged molecules is similar in
immature and mature tissue. For instance, Torzilli et al. reported that the biochemical
changes brought on by skeletal maturation did not significantly affect the diffusion of
glucose and 104 Da dextran through bovine articular cartilage, despite associated changes
in the spatial distribution of interstitial water, extracellular collagen and proteoglycan
content [216]. As the solutes used in this study are also small in molecular weight (45-78
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Da) and uncharged, the diffusivity results as well as simulations using clinically-relevant
dimensions should be potentially applicable to mature articular cartilage as well.
Similarly, differences in effective diffusivities and cell membrane permeabilities are
expected to exist with cartilage from other species as well, so appropriate parameter
values will need to be used in each case for designing CPA addition and removal
protocols.

Overall, however, the time to equilibration upon stepwise addition and

removal of the high CPA concentrations considered should be of the same order of
magnitude for cartilage pieces of the same size, irrespective of species and age.
For the imaging experiments, T1 and T2 relaxation times were ascertained in
order to use the proper acquisition parameters such as echo (TE) and repetition times
(TR). This was to ensure that proper signal intensities could be determined from the
images [196]. As expected, relaxation times for water and DMSO were found to be
lower in equilibrated tissue than the pure bulk solution. This trend was also found by
Isbell for studies with liver and kidney tissue [196].
Mathematical modeling was used to determine chondrocyte volume excursions
and intracellular CPA concentrations at different spatial locations using the determined
effective diffusivities through the 3-D cartilage matrix. A two compartment model to
account for CPA transport through the tissue matrix and across the cell membrane is a
useful approach to determine addition and removal times of CPAs for long-term storage
applications. He et. al. used a similar approach to determine permeability parameters of
cells within an engineered dermal replacement [217]. The model used in this study, in
addition, incorporated multi-component CPAs diffusing across the cell membrane as is
generally found in vitrification applications. It also incorporated non-idealities of the
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CPA with respect to solute osmolality and thermodynamic activity at high concentrations
for a 3-D geometry. The model developed can be used to determine the number of
addition and removal steps as well as exposure time for each step required for adequate
intracellular CPA equilibration for single and multiple (high concentration) CPA
solutions taking into account cells at different locations within the tissue.

This

information coupled with cytotoxicity data (cell death as a result of CPA exposure time,
concentration and temperature) could optimize exposure to CPA to maximize cell
viability while still ensuring sufficient intracellular CPA concentration for vitrification.
Recent work showing the impact of fixed charge density on CPA permeation into
articular cartilage [212] could also be incorporated in the model structure.
The diffusivity measurements in this study were carried out at room temperature.
Often times, CPAs are added and/or removed at 0-4oC to lower cellular metabolic activity
and thereby reduce CPA cytotoxic effects.

The results from the spectroscopy and

imaging experiments presented indicate that permeation of CPAs is indeed slow through
articular cartilage and thus require relatively long exposure times, on the order of two to
three hours, to reach tissue equilibration. Due to the temperature dependence of CPA
transport [26, 198, 199], CPAs used at lower temperatures would require longer
equilibration times.

The different effects of temperature on mass transport and

cytotoxicity pose an optimization problem.

As the temperature for CPA delivery

decreases, CPA cytotoxicity is reduced but the time to equilibration is increased.
Knowing the temperature dependence of these rates would allow the present model to be
extended in carrying out an optimization study on delivering CPA under minimal damage
to cells, by manipulating the concentrations and temperature of the bulk solution.
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Cryopreservation of biological materials deals with two important transport
mechanisms, namely mass transport of CPAs and heat transport during cooling and
thawing. Diffusion of CPAs into cartilage tissue, as demonstrated in this study as well as
others [213-215], is slow and limited. Inadequate CPA exposure and/or improper CPA
addition and removal can result in poor cell viability and matrix damage due to
cytotoxicity, irreparable osmotic volume excursions and possible ice formation.
Consequently, chondrocyte survival has been limited to the superficial layer [20, 22, 124,
218] but not the intermediate zone [124]. Moreover, it has been shown that cell survival
can be improved by enhancing CPA transport, for example by physical means of boring
holes into the tissue [219]. Diffusion of CPAs, although low for natural tissue, is two to
three times faster in tissue engineered cartilage [220].

This property would allow

exposure times necessary for CPA equilibration to be less than native cartilage for the
same dimension tissue and thereby possibly reduce cell cytotoxicity near the periphery.
Preliminary data from our lab (unpublished) as well as [128] suggest that temperature
equilibration times with the surrounding solution are of the order of minutes as opposed
to hours for CPA equilibration (this study). Heat transport is indeed a critical issue and
would therefore require further investigations characterizing its role and limitations in
cartilage cryopreservation.
In conclusion, this study used experimentally measured diffusivities of CPAs
through articular cartilage in mathematical models to simulate multi-step addition and
removal. This study constitutes a first step toward the eventual goal of developing and
optimizing models of 3-D tissue cryopreservation based on parameters that are accurately
measured experimentally.
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CHAPTER 8

CONCLUSIONS AND FUTURE DIRECTIONS
8.1 Conclusions

Due to the intrinsic differences among tissues, approaches for their long-term
storage need to be customized. Typically, cryopreservation protocols are developed
empirically; this thesis has contributed to the field by taking a rational approach of
cryopreservation protocol design, using experimentally measured tissue properties, and
applying it for the successful cryopreservation of model tissues.

The methodology

developed is generic and expected to be applicable for the long-term storage of natural
and engineered tissues using measured and estimated parameters.
In the first part of the thesis, baseline vitrification solutions and cooling/thawing
rates were compared against a conventional freezing protocol and applied to a model
tissue engineered pancreatic substitute. Initial results, reported in Chapter 3, showed that
vitrification resulted in higher cell functionality and less structural damage to the alginate
matrix over conventional freezing after thawing. To optimize vitrification protocols, a
systematic procedure was then developed based on a mathematical model. The first part
of the model accounted for cell volume excursions and intracellular CPA concentrations
for βTC-tet cells simulated on the basis of experimentally measured cell membrane water
and solute permeabilities. Stepwise addition and removal protocols were developed after
determining cell osmotic tolerances and CPA cytotoxicity for vitrification relevant
concentrations of single and multi-solute CPA solutions. The model also accounted for
osmotic non-idealities as a function of CPA concentration. Using the model- suggested
protocol, optimized CPA addition and removal showed higher cellular viability against
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non-optimal protocols with cells in monolayer (Chapter 4). Once CPA delivery and
removal were demonstrated as safe, cryopreservation protocols were developed and
applied for βTC-tet cells encapsulated in alginate using two different vitrification
solutions (Chapter 5).

The mathematical model was extended to incorporate

experimentally measured effective CPA diffusivities through the alginate matrix
extended for a 3-D geometry. Thermal properties of the vitrification solutions were
determined with differential scanning calorimetry (DSC) to determine their glass
transition temperatures and devitrification temperatures; this aided in cooling/warming
rate protocol design.

Vitrification of encapsulated cells using one of the solutions

resulted in higher cellular metabolic activity post-thaw over four days compared to
conventional freezing.

Mechanical testing showed comparable Young’s moduli for

vitrified and frozen beads against fresh controls. This study suggests that vitrification is
an attractive approach for the long-term storage of encapsulated cells and that a
mathematical model is a valuable tool for the rational design of cryopreservation
protocols.
A second tissue investigated in this thesis was alginate encapsulated murine
embryonic stem cells. In these experiments, a conventional slow freezing protocol was
first examined. As seen with work from the encapsulated insulinomas, slow freezing
resulted in matrix damage and loss of cell viability. Frozen-thawed beads regained cell
numbers three days later compared to fresh controls and gene expression analysis
confirmed cell pluripotency after freezing. Due to structural damage inflicted to the
beads during slow freezing, a two-step freezing protocol was tested which incorporated
both slow and fast freezing. This protocol preserved structural integrity of the beads as
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well as cell viability.

However, further studies to confirm that the cells stayed

undifferentiated upon thawing are needed, and are ongoing. This study suggests that, as
in the case of the encapsulated insulinomas, avoiding ice formation is advantageous to
maintaining bead integrity and cell functionality for the system of encapsulated mESCs.
With articular cartilage cryopreservation, a third tissue investigated, a key issue is
the lower CPA diffusivity through the matrix. Experiments with cartilage emphasized
characterizing cryoprotectant transport through the matrix.

A novel method using

magnetic resonance imaging (MRI) and localized spectroscopy (MRS) techniques was
used to measure the diffusivities of single and multiple high concentration CPAs in the
tissue (Chapter 7). MRI was used to visualize a single component CPA as it diffused into
cartilage.

This method has the potential to provide information on heterogeneities

present within the tissue. MRS was able to track a three-component CPA solution as it
permeated the tissue; it indicated that all three components equilibrated within the tissue
at different rates.

Calculated effective diffusivities and chondrocyte membrane

permeabilities were used in a mathematical model to design addition and removal
protocols of vitrification solutions for a 3-D cartilage plug.

This study suggests that

MRI and MRS are valuable techniques to characterize single and multi-solute transport
through articular cartilage; that a mathematical model is a powerful tool to design
cryopreservation protocols; and that CPA transport through articular cartilage is indeed
slow and may be an underlying factor for its successful preservation at clinically-relevant
thicknesses.
This thesis generated a quantitative framework for the rational design of
cryopreservation protocols for three-dimensional, cell encapsulated systems and articular
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cartilage.

Understanding the limitations of cryopreserving such tissues with

characteristicly different intrinsic properties can lead to better cryopreservation protocol
design and strategies for other tissues systems.

8.2 Future Directions

8.2.1 Mathematical Model
A mathematical model has been developed in this thesis to design
cryopreservation protocols for CPA addition and removal by accounting for cell volume
excursions and intracellular CPA concentrations. To further improve upon this model,
one next step could be to incorporate heat transfer to the existing mass transfer model.
Currently, the model accounts for CPA transport through the extracellular mileu and
intracellular membrane. This helps determine the time to equilibration at a given cellular
position within a tissue and particular bulk CPA concentration.

However, these

calculations are under isothermal assumptions. Incorporating CPA diffusivities as a
function of temperature and thermal diffusivities would more completely describe the
conditions of a tissue being cryopreserved. For example, APPENDIX A.2 describes heat
transport measurements taken for articular cartilage being cooled in different CPA
solutions. From these types of measurements, the thermal diffusivity of cartilage could
be calculated.

Understanding and modeling heat transport is very important in

vitrification applications, as uniform and specific cooling and warming rates, ensure glass
and not ice formation.
In addition to incorporating heat transfer information, cell death kinetics from
CPA cytotoxicity data could also be added.
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The current model allows the user to

determine the number and duration of each addition and removal step to ensure adequate
CPA equilibration. CPA delivery and removal is an optimization problem; inadequate
intracellular CPA concentrations would not confer protection (or ensure glass formation)
during cooling, but overexposure would lead to cytotoxicity. Coupling cell death kinetics
data would provide information on how long each step could be administrated and still
have all the cells remain within a specific viability. For example, this would help avoid
CPA exposure to cells in the outer layers of the tissue, especially important in a system
with slow CPA permeation characteristics. The model could then be set to potentially
maximize the objective function, cell viability after CPA addition and removal, by
manipulating time of exposure and number of steps.

Because CPA cytotoxicity is

temperature, CPA and cell-type dependent, clearly this data would be needed for each
specific tissue and CPA under investigation.

Appendix A1.7 provides limited

cytotoxicity data for encapsulated βTC-tet cells that could be fit to a first order kinetic
equation and provide some initial information.
8.2.2 Encapsulated insulinomas
A natural progression of part of this work would be to evaluate the efficacy of
tissue engineered pancreatic substitutes subjected to cryopreservation protocols in a
diabetic mouse model. CHAPTERS 3 and 5 provide some cryopreservation formulations
and protocols that could be used in future in vivo investigations.

Viability and

mechanical testing data (CHAPTERS 3 and 5) of the pancreatic substitutes suggest that
several cryopreservation protocols maintain cell function and structural integrity postthaw compared to controls. However, demonstrating in vivo effectiveness is clearly
needed. For example, it is unclear at this time about the stability of the poly-L-lysine
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(PLL) layer, which functions to provide immuno-protection against host antibodies, after
cryopreservation. Preliminary data from APPENDIX A1.5 suggests that the PLL layer is
not compromised post-freezing, but more extensive characterization after both freezing
and vitrification would be required. Moreover, the immunogenicity of the beads after
cryopreservation is unknown. It has been shown that ideal physical features of the
capsule surface are required for adequate biocompatibility in vivo [188]. Characterization
of the bead surface after cryopreservation using techniques such as atomic force
microscopy (AFM) could be employed.
Another area of future work and research with encapsulated insulinomas would be
to evaluate the extent of apoptosis, or programmed cell death.

As discussed in

CHAPTER 2, apoptosis is a form of cell death induced by cryopreservation and
characterizing its levels would help in developing strategies to minimize it. Preliminary
results in APPENDIX A1.1 suggest that the delivery and removal of CPAs by themselves
do not induce any apoptosis, as evaluated at its early, middle and later stages, but that
these levels increase in conjunction with conventional freezing for βTC-tet cell
suspensions.

This work would need to be extended for cells in 3-D and include

characterization after vitrification.
Assessing the structural integrity of beads after cryopreservation would be another
area of future work. CHAPTERS 3 and 5 showed some structural assessment techniques
by ways of histology, cryosubstitution and mechanical testing. However, all of these
methods required ultimate destruction of the samples; exploring non-invasive means
would be a convenient and potentially faster means to assess structural integrity. NMR
T2 microimaging, presented in APPENDIX A1.4, offers one such method. Structural
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tears to the alginate matrix caused by freezing were clearly evident after imaging.
Although light microcopy visualization provided similar information, more subtle
changes to the matrix could perhaps be elucidated, such as changes to the pore size; this
has been shown with the poly-L-lysine layer of alginate-poly-L-lysine-alginate beads
[221]. Second harmonics generation (SHG) using multiphoton microscopy might prove
to be another approach, as it has very recently been applied for comparing the effects of
vitreous and frozen cryopreservation on the extracellular matrix of cardiac tissues [222].
8.2.3 Encapsulated murine embryonic stem cells
A two-step freezing protocol (protocol B, CHAPTER 6) showed some
encouraging initial results in maintained cell viability and bead structural integrity.
However, as discussed earlier, it is unknown at this time if the cells remained
undifferentiated after thawing. Moreover, driving the cells towards a tissue-specific
pathway would be important to demonstrate. Future work in this area would also include
understanding the challenges and limitations in cryopreserving encapsulated mESCs at
different stages of the bioprocess (for example expansion or embryoid body formation
stage).
8.2.4 Articular Cartilage
Computer simulations on CPA addition and removal based on magnetic resonance
localized spectroscopy experiments, reported in CHAPTER 7, suggested that CPA
equilibration through articular cartilage is on the order of several hours with a sample
thickness of 3 mm. CPA exposure for such long times could be toxic to chondrocytes
located on the periphery; knowledge of CPA cytotoxicity kinetics would help in
determining appropriate exposure times to use. If diffusion alone ends up not being
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sufficient to deliver CPAs to clinically relevant samples, future work could examine
strategies to enhance CPA permeation such as convection or partial enzymatic
extracellular matrix degradation.
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APPENDIX I

ALGINATE-ENCAPSULATED CELLS

A1.1 Apoptosis after cryopreservation of cell suspensions

Cryopreservation is an important form of long-term storage of biological
materials. However, freezing methods can induce significant cell death, tissue damage,
and expression of stress proteins. It has been shown that the observed cell death results
not only from necrosis but also from apoptosis, a highly regulated biochemical process of
programmed cell deletion. Although there have been studies on freeze-induced apoptosis,
there is still a lack of information on the extent of apoptotic cell death due to the various
steps of cryopreservation. The objective of this study was to investigate the extent and
time course of apoptosis induced by various steps of cryopreservation using insulinsecreting βTC-tet cells. It was hypothesized that cryopreservation of βTC-tet cells would
induce an apoptotic cascade
Apoptotic assays based on flow cytometry and confocal microscopy were used to
examine the main hallmarks of early (caspase-8 activation), middle (externalization of
phosphatidylserine – PSE), and late (DNA fragmentation) stage of apoptosis.

Two

groups were tested: In group one (designated as CPA-only), cells were exposed to 10%
of the cryoprotectant (CPA) dimethyl sulfoxide (DMSO) for 5 min at 4oC; DMSO was
then removed, and cells were either tested for apoptotic activity immediately (t=0) or
plated in culture flasks for later assessment. In group 2, cells were subjected to a
common cryopreservation protocol, thawed, washed free of DMSO, and evaluated in the
same manner as the CPA-only group.
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Results indicated that CPA-only treatment caused significantly lower activation of
apoptotic markers relative to the freezing-thawing procedure. The apoptotic time course
data suggest that PSE occurred along the same time scales as caspase-8 activation after
freeze-thawing, whereas DNA fragmentation occurred 24-48 hours later. Moreover, the
levels of caspase-8 activation did not diminish over time whereas PSE returned to basal
levels by the end of the experiment; DNA fragmentation levels increased at the later time
points.
This preliminary work contributes to a basic understanding of the process of
apoptosis as they are induced by cryopreservation in insulin-producing cells.

This

knowledge can be applied to improve current cryopreservation protocols towards higher
post-thaw cell viability and retention of cellular function.

Caspase 8 (-)

Annexin V (-)

TUNEL (-)

Caspase 8 (+)

Annexin V (+)

TUNEL (+)

Green fluorescence
indicates apoptotic cells

Green fluorescence
indicates apoptotic cells

Red fluorescence indicates non-apoptotic
Cells and green/yellow (PI) fluorescence
indicates apoptotic cells

Figure A1.1 A. Confocal micrographs of control and apoptotic cells using
early (caspase 8 activiation), middle (phosphatidylserine membrane
externalization, Annexin V assay) and late stage (DNA fragmentation, TUNEL
assay) apoptotic markers. The upper row shows fresh controls and the bottom
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Figure A1.1 (cont)
Annexin – Neg Control

Annexin – CPA
Neg Control

Neg Control

Apoptotic

Neg Control
Annexin –
Frozen-thawed

Apoptotic

Figure A1.1 B. Typical flow cytograms of control, CPA-treated and frozenthawed βTC-tet cells, in this case using the Annexin kit which indicates
phosphatidylserine membrane externalization as a result of apoptosis with an
increase in FITC signal. Red, left histogram represents autofluorescent peaks
from control cells (no apoptotic activity); green, right histogram represents
annexin(+) cells that are indicative of apoptotic activity
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Figure A1.1 (cont)
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Figure A1.1 C. Apoptotic activity (%) of βTC-tet cells relative to fresh
controls set to 0% after CPA-only treatment (open symbols) and freezethawing (closed symbols) using early (diamond), middle (square) and late
(triangle) stage apoptotic markers
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A1.2 Examining the role of stress proteins after cryopreservation

Stress and heat shock proteins (Hsp) play a significant role in cell physiology;
hence, studying their expression under cryopreservation-relevant conditions provides
insight into the influence of these processes on stress-induced changes in cell function
and on the reversibility of the observed effects. Cells in one group were subjected only to
addition-removal of CPA at 4oC (once again, to investigate chemical effects of CPA
during implementation of cryopreservation protocols), and cells in a second group were
frozen-thawed (same cryopreservation protocol as in the apoptosis studies above). Cell
extracts were analyzed by western blotting to detect the expression of heat shock
proteins. Briefly, samples were normalized to 25µg of protein by a BSA total protein
assay (Sigma), subjected to electrophoresis on 4-20% gradient Tris-HCl polyacrylamide
gels (Biorad), and transferred onto PVDF membranes (Bio-rad).

Immunoreactive

proteins were detected by incubating with Super Signal West Femto Kit (Fisher) and
exposed to BioMax light-1 film (Kodak, Rochester, NY).
Preliminary results from an immunoblot (Figure A1.2) indicate that cryopreserved
βTC-tet cells had increased levels of heat shock proteins, 72 and 90, immediately upon
thawing followed by undetectable levels after 6 hours. This profile seems to be consistent
with other reports [223]. The effects of the addition and removal of 10% DMSO on heat
shock protein biosynthesis seemed to cause a slight increase compared to control, but not to
the same extent as the effect of freeze-thawing. Further studies will include reproducing and
refining the time course of Hsp expression, and investigating Hsp expression after using high
concentrations of CPAs and after vitrification-thawing. Experiments will be performed with
both free and encapsulated cells, and results will be compared with those obtained for
apoptosis and for cellular metabolic and secretory activities following cryopreservation and
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thawing. This will produce a comprehensive time profile of the cryopreservation effects on
cells and on the cellular recovery post-thawing.

M

C

D

0

6

Figure A1.2 Western blot of heat shock proteins (Hsp), MW 72 and 90, synthesis
(arrows) over time from βTC-tet cells; M = MagicMarkTM marker, molecular weight
ladder; C = control, untreated βTC-tet cell lysate; D = 10% DMSO CPA additionremoval to cells only (no freezing); in a time course study cells were frozen in 10%
DMSO under slow cooling, cell lysates were collected immediately after thawing
(lane 0), and after 6 hours of culturing at 37°C in culture medium; all samples
contained 25µg of total protein (Coomassie Blue Protein Assay). Note: isoforms of
Hsp72 range from 66-78kDa (StressGen Bioreagents, manufacturer’s technical
specifications sheet).
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A1.3 13C NMR metabolic study using PCA extraction
13

C nuclear magnetic resonance (NMR) spectroscopy is a powerful technique that

can be used to assess cellular metabolism [224].

13

C incorporation from uniformly

labeled glucose was used to attain spectra that would be used to investigate specific
metabolic fluxes in βTC3 cells encapsulated in alginate-based beads. Unlabelled media
are removed from cell suspensions by centrifugation or from suspensions of beads, and
free or encapsulated cells were washed and incubated for 1.5 hrs with a serum-free/sugarfree Dulbecco’s phosphate buffered saline (DPBS) solution to normalize the initial
conditions. Cells are incubated for 4 hours with a fully supplemented glucose-free
DMEM medium containing 15 mM uniformly labeled

13

C-glucose (Cambridge Isotope

Laboratories, Inc., Andover, MA). Perchloric acid extracts of free cells were performed
by removing the medium by centrifugation and adding 8 mL of 0.5 N perchloric acid to
the cell pellet.

The cell suspension was homogenized for approximately 1 min,

precipitated protein salts are allowed to settle by gravity for 1-2 minutes, and the sample
is centrifuged at 4,000 g for 5 min. The supernatant was collected, neutralized with
KOH, further centrifuged at 4,000 g for 10 min, and the supernatant was collected, rinsed
with Chelex 100 beads (Sigma) to remove metal ions, adjusted to pH 7.4, and
lyophilized. A similar protocol was used to extract the intracellular milieu from APAencapsulated cells. Briefly, a volume of 0.5 N perchloric acid equal to the volume of
beads was added, and the beads were homogenized for approximately 2 min. Bead
fragments were allowed to settle for 3-4 min, after which the procedure described above
for free cells was followed. To minimize biochemical changes, the entire protocol was
performed at 4˚C.
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Lyophilized samples were dissolved in approximately 0.5 mL of 90% H2O/10%
D2O. In the event that precipitated salts were observed, the sample was centrifuged at
4,000 g for 5 min and the supernatant passed through a 0.2 µm filter to remove any
additional particulates.

Extracts were prepared from a total of 2-3 T-175 flasks

(approximately 1.0x108 cells) and were subjected to NMR spectroscopy.

To collect the

data presented below, 13C NMR spectra were acquired with a 300 MHz Varian Mercury
Vx 300 NMR magnet. A 5 mm broad band probe was used, and 1H decoupling was
applied throughout the acquisition. A coaxial insert containing a 2% dioxane solution
was used as a concentration and chemical shift reference. A typical

13

C NMR spectra

from freshly encapsulated βTC-tet cells at 3x107 cells/mL alginate is shown in Figure
A1.3. Some of the key acquisition parameters were: 32,768 complex points per free
induction decay (FID), 6 sec relaxation delay, and 3000 transients.

PPM
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Figure A1.3 13C NMR spectrum from freshly encapsulated βTC-tet cells at 3x107
cells/mL alginate after incubation in uniformly labeled 13C-glucose for 4 hours and
perchloric acid extraction; analysis of peak position and areas provide metabolic flux
information of the Krebs (TCA) cycle
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A1.4 NMR T2 microimaging of cryopreserved cell-free alginate beads

Non-invasive methods to assess tissue structural integrity after cryopreservation
would provide valuable information without destroying the sample in the process. One
potential way is accomplish this is by NMR imaging. For some initial studies, cell-free
2%, 0.5 mm alginate beads were imaged to detect any defects in the alginate matrix.
Fresh and frozen-thawed beads were loaded into a 5 cm Teflon tube (OD 1.2mm) and
inserted through a microcoil for imaging. Beads were frozen by slow cooling down to 80oC at 1oC/min in the presence of 10% DMSO and then plunged into liquid nitrogen
using 1.8 mL (NUNC) cryovials. Beads were thawed by immersion into a 37oC water
bath. Preliminary results were acquired on a 200 MHz NMR magnet with the following
acquisition parameters: TR=2.5ms, TE = 48ms, FOV = 1 cm x 1 cm, ns=16, 256 x 256
pixels for acquired resolution of 40 μm x 40 μm x 300 μm. The images were zero-filled
to 512 x 512 to give a final displayed resolution of 20 μm x 20μm x 300 μm.
Figure A1.4 shows T2 NMR microimages of fresh and frozen-thawed cell-free
alginate beads (without a PLL layer). The T2 relaxation for water through the defects is
the same as that in the free bulk and different from that through intact alginate matrix.
The tears and defects to the alginate matrix are easily discernable.

Thus, NMR

microimaging proves to be a straightforward, non-invasive way to visualize defects in the
bead constructs after freezing. It is interesting that the structural defects in the alginate
matrix visualized by NMR form roughly what appear to be concentric circles. The
underlying reason for this remains unclear and requires further investigation.
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A
B

Fresh

Frozen-thawed

Figure A1.4 A. T2 NMR microimages of fresh and frozen-thawed, cell-free
2% alginate beads; B. Light micrograph of frozen-thawed, cell-free alginate
bead- structural tears in the matrix are clearly evident in both images (scale
bar represents 100μm)

A1.5 FITC Dextran PLL permeability studies

Due to the 45-60 kDa molecular weight cutoff of poly-L-lysine in the APA bead
constructs, fluorescently-labeled (FITC) dextran molecules of different weights were
used to assess the integrity of the PLL membrane. After cryopreservation, beads were
exposed to solutions each containing a single type of FITC dextran, and the permeation
of the dextran molecule in the beads were observed using confocal microscopy (Zeiss).
19kDa, 32kDa and 148kDa FITC-dextran (Sigma) solutions (dissolved in 0.9% saline at
1 mg/mL) were used to assess membrane intactness. In a construct with an intact PLL
membrane, the 19 and 32kDa FITC dextrans would be able to diffuse through whereas
the larger 148kDa dextran would not be able to penetrate the membrane.
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4 min exposure to19kDa
FITC Dextran

4 min exposure to
148.3 kDa FITC Dextran

Fresh

Frozen-thawed

Figure A1.5 Confocal micrographs of fresh and frozenthawed alginate-poly-L-lysine-alginate (APA) beads after 4
minutes of exposure to 19 and 148.3 kDa FITC-dextrans
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A1.6 CPA addition-removal data for encapsulated insulinomas at vitrificationrelevant concentrations

CPAs were added and removed in a stepwise manner using the mathematical
model developed in this thesis. Negative controls consisted of single step delivery and
removal.

Cell viability was assessed by trypan blue – beads were exposed to sodium

citrate to release the cells from the alginate matrix and then assessed with a
hemocytometer. Single step vs. multi-step delivery is expectedly more pronounced at
higher CPA concentrations where osmotic effects would play a considerable role in
influencing cell viability.

Optimized addition and removal of high concentration

solutions of 3 M DMSO + 3 M PD and 6 M PD resulted in higher cell viabilites
compared to 6 M DMSO.
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Figure A1.6 Addition-removal of low and high concentrations of single
and multi-solute CPAs for alginate-encapsulated βTC-tet cells;
DMSO=dimethyl sulfoxide; PD=1,2 propanediol; * represents significantly
different at p<0.05 using Student’s t-test; n=3-6

171

APPENDIX II

ARTICULAR CARTILAGE

A2.1 Heat transport measurements and calculations for articular cartilage

This study investigated the effects of different CPA solutions on the temperature
profile during freezing. Using a Type T hypodermic thermocouple (Omega, Stamford,
CT), the temperature profiles of CPA solutions as well as of a central position in cartilage
tissue that had been equilibrated with the CPA solutions (overnight at 4°C)
recorded during freezing.

were

The cryoprotectant solutions and cartilage samples were

contained in cryovials (Nalgene, Rochester, NY) and cooled from approximately room
temperature down to -140°C or -150°C at 99°C/min using a Cryomed® Controlled Rate
Freezer (ThermoForma, Marietta, OH) (schematic of setup in Figure A2.1A).
Temperature profiles, shown in Figure A2.1B indicated that with the lower
concentrations of DMSO and DMSO-free phosphate-buffered saline (PBS) solutions,
early release of the latent heat of fusion (Hf) followed by a steady decrease in temperature
occurred. With higher concentrations of cryoprotectants, such as 6M DMSO and 8.4M
VS55 shown in Figure A2.1C, Hf was smaller and was released at lower temperatures
(depressed freezing point due to increased CPA concentration). These results are in
agreement with the observations of Jomha et al. [128]. Experiments of this type can be
performed to obtain reliable values of the heat transfer coefficient in cartilage for use in
developing vitrification protocols. Overall, results indicate that the rate of heat transfer
during cartilage freezing is much faster than the rate of mass transfer of CPA components
(CHAPTER 7), and consequently the latter is the limiting process.
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Figure A2.1 A.
Cartilage heat measurement profile setup; B.
Temperature profiles of CPA solutions and articular cartilage
equilibrated in CPA solutions measured by a hypodermic
thermocouple during cooling in a controlled-rate freezer; C.
Experimental and simulation fit for determining thermal conductivity
of bovine articular cartilage equilibrated in VS55
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Heat Transport for cylindrical geometry:
I. Transport through the tissue:

⎛ 1 ∂ ∂T
∂T
1 ∂ 2 T ∂ 2T ⎞
⎟ + μΦ v
= α ⎜⎜
+
(r ) + 2
∂t
r ∂Θ 2 ∂z 2 ⎟⎠
⎝ r ∂r ∂r
Assuming angular symmetry (

(1)

∂T
= 0 ) and no dissipation ( Φ v = 0 ),
∂Θ

⎛ 1 ∂ ∂T
∂T
∂ 2T ⎞
(r ) + 2 ⎟⎟
= α ⎜⎜
∂t
∂z ⎠
⎝ r ∂r ∂r

(2)

Boundary and Initial Conditions:
i) T(all r and z, t=0) = To
ii) T(all r and z, t→∞) = Tf
iii) q cryovial −liquid = h(To − Tb (t ))

(3a)
(3b)

iv) qliquid −tissue = h(To − Tl (t ))

(3d)

v)

(3c)

∂T
(r , z = 0) = 0
∂r

(3e)
∧

where T is the temperature (K), α is the thermal diffusivity (cm2/s) (equivalent to k/ρ C p ,
∧

where k is the thermal conductivity (W/m⋅K), ρ is the density and C p is the heat capacity
at constant pressure per unit mass), and t is time (s). This equation assumes that the
thermal conductivity is independent of temperature and position.
The experimental temperature profiles during cooling of VS55 and cartilage
equilibrated in VS55 (Figure A2.1B), recorded with a hypodermic thermocouple, were fit
to determine the thermal conductivity of articular cartilage. The thermal conductivity of
VS55 used is given in Table A2.1. The fit was performed using COMSOL® simulating
the experimental conditions – a cartilage plug was submerged in VS55 solution in a
polypropylene NUNC cryovial (k=0.12 W/m.K; Cp=1900 J/kg.K; density=900 kg/m3)
and cooled at -99oC/min to -150oC from 22oC (‘Cart Sim’;’Cart Expt’). Alternatively,
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the temperature of just VS55 solution was measured during cooling (‘Solution Sim’;
‘Solution Expt’). The thermal conductivity of bovine articular cartilage based on this
fitting was found to be 0.30 W/m.K. This value is close to the value of 0.478 W/m.K
found for the thermal conductivity of nasal septal cartilage [225]. The experimental data
and simulation fits are shown in Figure A2.1C.
Table A2.1: Thermal Properties of CPA solutions

3.1 M DMSO, 2.2 M
PD, 3.1 M FM
in 1X EC
3 M DMSO + 3 M PD
in 1X EC
5 M DMSO + 1 M PD
in 1X EC

Density
( kg/m3)

Cp
(J/kg.K)

Thermal
conductivity
(W/m.K)

1002

2971

0.36*

1030

~2900

0.381*

1038

~2900

0.377*

176

A2.2 Mechanical testing of articular cartilage after cryopreservation

To examine the mechanical properties of porcine articular cartilage following
baseline freezing and vitrification protocols, 4 mm diameter and approximately 1 mm
thick plugs were subjected to shear and compressive mechanical testing to determine the
dynamic shear modulus and dynamic compressive modulus, respectively.
baseline cryopreservation protocols were as follows.

The two

1) For freezing, plugs were

equilibrated with 10% DMSO and slowly cooled at -1°C/min down to -80°C, then
plunged into liquid nitrogen; and 2) for vitrification, plugs were equilibrated with VS55,
quickly cooled and then stored in liquid nitrogen. The plugs were thawed in a 37°C bath
until all visible ice had disappeared and then transferred to DMEM culture media in
which they were stored at 4°C until testing.
The dynamic shear modulus, G*, was measured using a Bohlin CVO® rheometer.
The sample thickness was measured and noted. The sample was placed on the rheometer
base plate and preloaded using an impermeable platen. The rheometer gap was set to
90% of the sample thickness to pre-load the sample (i.e.10% strain). A small quantity of
PBS was added to the base plate of the rheometer to maintain sample hydration. After
the sample was allowed to equilibrate for 15 minutes, it was subjected to the shear test.
A frequency sweep of 0.01-1.0 Hz was carried out with logarithmic increase in
frequency. Upon completion of the test, the measuring system was backed off and the
sample was transferred back to media. This testing protocol is non-invasive, causing
very little change in the fluid volume of the cartilage plugs thereby allowing for the
measurement of the flow independent viscoelastic behavior of cartilage.
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The dynamic compressive modulus, E*, was measured using an ELF machine
(EnduraTec, Minnetonka, MN) and was carried out 30 minutes after the shear test (to
allow for full sample relaxation and equilibration). The sample was moved onto an
unconfined compression chamber which was filled with PBS (to prevent sample
dehydration). A non-porous steel platen was placed on the cartilage sample and preloaded with 10% compressive strain for 15 minutes.

After equilibration, a ±1.5%

compressive strain was induced with a frequency sweep of 0.01-1.0 Hz with logarithmic
increase in frequency. Commercially available software, DMA, was used to analyze the
data and calculate the dynamic compressive modulus, E*.

Like the shear test, the

compressive test is also minimally invasive.
Results are shown in Figure A2.2. According to these preliminary data, the
dynamic shear modulus of the fresh group was significantly higher (p<0.05) than either
the frozen or vitrified group at 0.1 and 1.0 Hz. The shear modulus was not different
between the frozen and vitrified groups (p>0.05). The compressive modulus of the fresh
group was significantly higher than the frozen group at 0.1 and 1.0 Hz (p<0.05),
however, the vitrified group was not significantly different than either the fresh or the
frozen group (p>0.05). The greater effect of vitrification on the shear modulus possibly
suggests more collagen than proteoglycan damage.

In the proposed studies, the

biomechanical properties of cartilage subjected to different preservation protocols will be
thoroughly characterized in vitro because of the significance of tissue biomechanics in
the context of this research and for insight as to the components of the tissue matrix that
are damaged.
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Figure A2.2: A. Dynamic shear and B. dynamic
compressive moduli of cryopreserved 4 mm porcine
articular cartilage; * indicates p<0.05, fresh vs. frozen
group; fresh vs. vitrified group; n=3 for all; **
indicates p<0.05, fresh vs. frozen group (Student ttest)
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A2.3 Chondron/Chondrocyte isolation from immature bovine articular cartilage

Chondrons were isolated as described by Lee et al [226]. Briefly, chondrons were
obtained from minced bovine articular cartilage using 0.3% dispase (BD Biosciences)
and 0.2% collagenase (Sigma) in Ca2+ and Mg2+-free phosphate buffered saline (PBS) at
37oC with shaking for 5 hours. After straining through a 150μm mesh (cell strainer),
chondrons were washed with PBS by centrifugation and then resuspended in Ham’s F-12
tissue culture medium (CellGro) with 10% FBS (KSE Scientific). Chondrons were
stained with Hoechst stain and visualized with confocal microscopy. Figure A2.3 is an
optical

micrograph

of

a

typical

preparation

from

bovine

cartilage.

Figure A2.3 Chondrons/Chondrocytes were isolated using 0.3% dispase + 0.2%
collagenase in PBS (Ca2+ and Mg2+ free) for 5 hours at 37oC; Hoechst stain was
used to visualize nuclei (blue); scale bar represents 10μm
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APPENDIX III

MISCELLANEOUS

A3.1 DSC runs with VS55 and DP6

Initial DSC runs were done using samples of VS55 (3.1 M DMSO + 3.1 M PD +
3.1 M FM in 1X EC) and DP6 (3 M DMSO + 3 M PD in 1X EC) as glass transition and
devitrification/recrystallization temperatures have been reported for these solutions
previously [136, 227]. 10-13 mg of sample was loaded into a pan with lid and ran with an
empty pan with lid in the DSC.
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Temperature (oC)
Figure A3.1 DSC heat flow thermogram of VS55 during warming at
5oC/min after sample was cooled rapidly at -150oC/min down to -150oC;
Tg is the glass transition temperature; To is the beginning of crystallization
during warming; Td is the devitrification temperature.
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Figure A3.1 shows a heat thermogram of VS55 during warming at 5oC/min
after the sample was cooled rapidly at -150oC/min down to -150oC. The glass transition
was found to be approximately -121oC. To., the beginning of crystallization during
warming, was found to be -78oC; Td, the devitrification temperature, was -64oC. These
values are in close agreement with those reported elsewhere [227] with values of Tg=-123
o

C, To=-82 oC, and Td=-75 oC.
Figure A3.2 shows the heat flow thermogram of DP6 during warming at

5oC/min after the sample was cooled rapidly at -150oC/min down to -150oC. The glass
transition was found to be approximately -120oC. Td, the devitrification temperature, was
determined to be -90oC. The glass transition temperature is in close agreement with the
value of -119oC reported by [177].
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Figure A3.2 DSC heat flow thermogram of DP6 during warming at 5oC/min
after sample was cooled rapidly at -150oC/min down to -150oC; Tg is the glass
transition temperature; To is the beginning of crystallization during warming; Td
is the devitrification temperature.
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Table A3.1 Thermal data for various vitrification solutions
CPA(s)
(solvent)

VS55
(EC)
DP6
(EC)
DP6+PEG400
(EC)
DMSO
(Water)
PD
(Water)
DP6_0.3S
(EC)
55PD_1S
(EC)

Concentration
(M)

3.1 M DMSO
3.1 M
Formamide
2.2 M PD
3 M DMSO
3 M PD
5 M PD
1 M DMSO
12% PEG MW
400
6M
6.3M
7M
4.9 M
5.6 M
6.2 M
3 M DMSO
3 M PD
0.3 M sucrose
5.5 M PD
1 M sucrose

Tg
(oC)

Td
(oC)

Tcr
( C/min)

Twr
( C/min)

Reference

-123

-75

2.5

50

[177]

-119

-90

40

200

[177], Td
our lab

-112

?

?

?

[136]

-133.4
-132
-128

-82.5
n/o
n/o

58
14
<2.5

-119
-108
-107

-104
-87
-58

555
72
<5

-116

-59

our lab

-100

n/o

our lab

o

o

7.8x105
2003300
10
2x107
10,000
160

[228]

[229]

DMSO=dimethyl sulfoxide; PD=1,2 propanediol; PEG=polyethylene glycol; EC=1X
Euro-Collins; Tg=glass transition temperature; Td=devitrification temperature; Tcr=critical
cooling rate; Twr=critical warming rate; n/o=not observed
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